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Abstract 

DNA repair is crucial for the survival of all organisms. However, cellular DNA repair 

pathways are complex and many of the molecular details remain elusive. Understanding how 

DNA is repaired is paramount, as aberrant repair is implicated in numerous diseases that 

lead to premature ageing and increased cancer risk. Nucleotide excision repair (NER) is 

found across all kingdoms of life and protects the genome following exposure to diverse 

types of DNA damage, including UV light and chemotherapeutics. In this thesis, a 

combination of single molecule fluorescence and bulk biochemical techniques are used to 

investigate how NER proteins find damage in the genome. Individual molecules of DNA 

repair proteins are visualised interacting with the DNA using fluorescent tags. We show both 

DNA damage and nucleotide cofactors affect the attached lifetime of a prokaryotic DNA 

damage detecting protein (UvrA) to DNA. Based on these data and supporting biochemical 

ATPase experiments we devise a hypothesis where UvrA sequentially hydrolyses nucleotide 

in each ATPase site and reconcile this with UvrA’s role in DNA repair. We also investigate 

two recent cryo-EM structures of the major transcription factor TFIIH. Two previously 

identified ‘structural’ subunits (p44/p62) are shown to make extensive contacts with a 

damage verifying helicase, XPD. We show these subunits stimulate XPD’s ATPase on 

damaged DNA. In addition, we show p44/p62 form an independent complex that is capable 

of binding to DNA and discriminating damage. This suggests p44/p62 is a novel DNA-

binding entity in the TFIIH complex that may have a role in the detection or verification of 

DNA damage. The results in this thesis have relevance for understanding cancer and ageing, 

as well as answering controversial questions in the field and contributing to our 

understanding of how DNA is repaired. 
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1.1 Genome damage and the importance of maintenance 

A spectre haunts our cells, a multitude of agents that can impair vital cellular processes by 

damaging DNA. Human survival relies on accurate replication and transcription of DNA for 

cell division. When DNA is damaged, rapid repair is necessary to ensure genome integrity, 

even a single double-stranded DNA break can be lethal to a cell (1). Fortunately, complex 

networks of DNA repair pathways have evolved to deal with the variety of genomic damage 

that can lead to cell death. The human genome acts as a cellular instruction manual that 

defines who we are and differentiates us from plants and other animals. The information 

stored in our genome is an architectural blueprint of the cell and the internal milieu within 

it. Maintaining DNA is paramount for successful cell division that produces healthy daughter 

cells needed to replace old and damaged cells. Damage to our genome can prevent cell 

division, cause daughter cells to become diseased, or cause cell death. DNA damage is 

caused by chemicals interacting with DNA and modifying the native structure. These 

modifications can disrupt the base pairing of DNA, affect the structure of the helix, or cause 

breaks in the DNA. All of these modifications can lead to mutations that over time 

accumulate and contribute to aging and diseases such as cancers (2). However, not all 

mutations are detrimental to the cell, with some providing an enhanced ability to adapt to a 

new environment or otherwise being advantageous to the organism. There is a certain level 

of intrinsic genetic instability caused by errors in the DNA replication machinery, 

metabolism, and exposure to mutagens that is necessary for evolution. This intrinsic genetic 

instability is increased by chemicals that damage the DNA and cause cellular damage that 

can result in disease (3).  
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1.2 Types of DNA damage and repair  

Although the structure of DNA is remarkably stable, both exogenous and endogenous 

compounds can interact with and damage the structure of DNA (figure 1.1). If DNA damage 

is not repaired it contributes to mechanisms of aging and disease, as well as the development 

and progression of cancers (2). It has been imperative for our survival to evolve redundant 

mechanisms to cope with a wide array of DNA damage. Key cellular processes such as DNA 

replication and transcription require protein-DNA interactions, DNA damage can disrupt 

these processes, or lead to mutations that alter the genetic code and affect the function of the 

gene product. In response to encountering DNA damage, proteins such as ATM + ATR (in 

eukaryotic cells) rapidly inhibit cell cycle progression and DNA replication by 

phosphorylating enzymes until the DNA has been repaired (4, 5). 

1.2.1 DNA damage 

In general, DNA repair is carried out using three mechanisms; direct reversal without 

disrupting the helix, excision of damage from DNA, or through recombination with the sister 

chromatid (6-8). The bulk of this thesis is focused on the nucleotide excision repair pathway 

and its role in repairing ultraviolet (UV) radiation induced DNA damage. UV radiation is 

particularly important as the majority of life forms are exposed to sunlight during their life 

cycle. The specifics of both prokaryotic and eukaryotic NER pathways are discussed in depth 

later in this chapter (section 1.5 and 1.6 respectively). The specifics of other types of DNA 

damage and repair pathways are beyond the scope of this thesis, but the broad picture of 

DNA damage and repair will be discussed, with several major types of DNA damage shown 

in figure 1.1 and described below;  
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Figure 1.1 Major structural changes caused by various types of DNA damage. The 

normal base pairing and phosphate backbone of DNA are shown, along with the 

disrupted structures that occur with certain types of damage. 
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1.2.2 Base modifications 

DNA bases can be modified by many cellular compounds or exposure to chemicals such as 

those found in cigarette smoke (9). A major source of endogenous damage results from 

reactive oxygen species (ROS) attacking the DNA backbone to release the nucleotide base 

from DNA and generate an abasic site (10). Abasic sites also occur spontaneously, and are 

often produced as a by-product of other DNA repair pathways (2). Up to 200,000 abasic sites 

are estimated to occur per cell, per day in mammals (10). Base modifications cause cell death 

and mutagenesis by causing DNA polymerases to make mistakes when replicating DNA (7, 

10, 11). An example of a frequent base modification is 7,8-dihydro-8-oxo-guanine (8-

OxoG), resulting from ROS oxidising a guanine base (12). These lesions are repaired by 

base-excision repair (BER) (13, 14), however, if left unrepaired 8-OxoG can base pair with 

either Cytosine or Adenine and cause a mutation in the DNA (15).  

1.2.3 Insertions & deletions / mismatches 

During DNA replication, DNA polymerase can insert an incorrect base to form a 

mismatched base pair. If mismatches are not identified and repaired they can be incorporated 

into the DNA (16, 17). DNA polymerase can also slip on DNA, resulting in either extra 

bases being inserted, or skipping several bases leading to a deletion (18). Insertions and 

deletions are recognised and repaired similarly because they both lead to extra bases on one 

strand. If these damages occur in a coding region of the genome, the impact on a polypeptide 

could be catastrophic, for example, 70% of cystic fibrosis cases are caused by a three base 

pair deletion in the CFTR gene that causes the deletion of a single amino acid (19).  

1.2.4 Single-stranded breaks 

A single-stranded break (SSB) occurs when the phosphodiester backbone is broken in one 

of the helical chains of DNA. Tens of thousands of SSBs arise every day caused by ROS, 

radiation, and as a by-product of DNA repair. A single-strand break is also able to develop 

into a more toxic double-strand break if not repaired (20).  
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1.2.5 Double-stranded breaks 

Double-stranded breaks (DSBs) occur when there is a complete break in the DNA. Up to 9 

spontaneous DSBs occur per cell, per day (7) and are the most toxic form of DNA damage 

(21). DSBs can result from SSBs that are not repaired properly, replication fork breakage, 

or by exposure to radiation. The toxicity of DSBs results from their ability to lose genetic 

information encoded around the break, and the ability of entire chromosomes to break and 

fuse with another segment – wreaking havoc with gene expression.  

1.2.6 Crosslinks 

DNA-protein and DNA-DNA crosslinks can be caused by carcinogens as well as 

chemotherapeutic agents such as cisplatin and mitomycin C (7, 22). DNA-protein crosslinks 

are able to block enzymes from interacting and moving along the DNA, inhibiting both 

replication and transcription. DNA-DNA crosslinks can occur either within the same DNA 

strand (intra-strand crosslink) or between the two strands (inter-strand crosslinks). These 

DNA-DNA crosslinks covalently link the strands together, preventing unwinding by 

helicases that is required for transcription and DNA replication. Even a single DNA-DNA 

crosslink can kill a cell (23, 24).  

1.2.7 DNA repair 

These damages generally have one major route for repair, but frequently cross-talk occurs 

between various DNA repair pathways, and this may be a redundancy mechanism to provide 

a dynamic, adaptable response. Below, damage repair pathways are described with examples 

from both prokaryotic and eukaryotic systems, where the mechanism is often conserved, but 

the eukaryotic pathway generally involves more proteins.  

1.2.8 Direct reversal 

Some types of DNA damage can be directly reversed, an example of this in eukaryotes is 

O6-alkylguanine DNA alkyltransferase (AGT). AGT removes the methyl group from the O6 

position on methylation-damaged guanine bases. The addition of the aberrant methyl group 

forms a base pair with thymine rather than cytosine, causing mutations. Cells with lower 

levels of AGT are more sensitive to methylating agents and experience a higher risk of 

carcinogenesis (25). 
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1.2.9 Base excision repair 

Modified DNA bases are the most common form of damage and are repaired by BER; BER 

needs to be able to respond to a large number of damage sites and rapidly repair them to 

prevent mutations in the genome (26). In eukaryotes, damaged bases such as 8-OxoG are 

cleaved by a glycosylase enzyme to produce an abasic site (27), an enzyme called APE then 

cuts the DNA backbone at the abasic site to generate a SSB with a free 3’OH group. 

Polymerase β loads at the hydroxyl group and resynthesizes the correct nucleotides (28). 

DNA ligase then seals the nick at 5’ phosphate, restoring the DNA structure (14, 29). 

Additionally, BER can remove longer patches of damaged bases using an exonuclease to 

digest the damaged strand several nucleotides in before allowing polymerase to resynthesize 

the DNA (30).  

1.2.10 Mismatch repair 

Mismatch repair (MMR) recognises insertions, deletions, and substitutions that escape DNA 

polymerases proofreading capability (31). In Escherichia coli (E. coli), MutS can recognise 

mispaired bases up to 4 nucleotides long with high affinity (32, 33). The mispaired bases are 

then excised from the DNA backbone to generate a SSB. If the mismatch is longer, an 

exonuclease is recruited to resect the DNA further before allowing polymerases to load and 

resynthesize the correct sequence (34, 35). Because mismatches can lead to mutations if 

incorporated into the genome, MMR inactivation is highly mutagenic and has been 

associated with several cancers (36).  

1.2.11 Single-stranded break repair 

SSBs in eukaryotic cells are immediately detected by RPA and PAR. RPA binds to the 

exposed single-stranded DNA and protects it from further degradation and prevents the 

formation of a double-strand break (37). PAR ribosylates itself and other DNA repair 

proteins with chains of poly ADP-ribose and recruits XRCC1 - a scaffolding protein that 

interacts with other DNA repair proteins, to the ends of the break (38). Frequently, the ends 

of the DNA are either damaged or modified and therefore are not able to be ligated until 

restored to a 3’ OH and 5’ phosphate. Several nucleases are involved in removing these 

structures and restoring the correct chemical groups (39). The 3’OH enables DNA 

polymerases to load on the DNA and resynthesize the removed bases, and then ligation 
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follows to seal the break and restore DNA (40). SSBs in prokaryotes are repaired via 

homologous recombination by the RecBCD proteins (41). 

1.2.12 Double-strand breaks: NHEJ & HR 

As DSBs are the most toxic form of damage, several repair methods exist in both prokaryotic 

and eukaryotic cells;  

Non-homologous end joining (NHEJ) - In eukaryotes, a ring shaped protein, Ku binds each 

end of the DSB and recruits DNA-PK (42). Interactions between Ku:DNA:DNA-PK bridge 

the broken ends and allow ligation through homology between each end of the DSB (43). 

However, NHEJ can cause a loss of genetic information by resecting both DNA ends before 

re-joining (44).  

Homologous recombination (HR) - HR uses sister chromatid homology to repair the break 

and is therefore error-free (44-46). In HR different exonuclease complexes digest around the 

break, the single-stranded DNA is then bound by RAD51 and RPA (RecA and single-strand 

DNA-binding protein in E. coli) to form a nucleoprotein filament (44, 45, 47-49). 

Fascinatingly, this filament then uses a combination of three-dimensional and one-

dimensional searching to find the homologous undamaged sister chromatid and uses the 

complementary DNA sequence to repair the damaged DNA (50, 51). 

1.2.13 ICL repair 

Intra-strand crosslinks are repaired by nucleotide excision repair (NER) to cause two single-

strand breaks either side of the crosslinked in a similar fashion to BER and MMR (52). Inter-

strand crosslinks (ICLs hereafter) are more complex; in eukaryotes, quiescent cells repair 

ICLs using sequential NER incisions, the first creates a substrate for loading translesion 

polymerases that bypass the crosslink (53, 54). A second round of NER then removes the 

crosslinked DNA, and allows resynthesis of the damaged strand (24, 53, 55). However, 

during S phase DSBs are observed in response to ICL causing agents, suggesting ICLs are 

repaired via a DSB intermediate (56, 57). Many proteins in the Fanconi anaemia pathway 

have been implicated in ICL repair in S phase, but this is still not well understood, and is not 

discussed here (58-60). Interestingly, in prokaryotes, NER is the primary method for 

removing crosslinks from DNA, but may also involve proteins from other repair pathways 

(61). For an excellent review see Hashimoto et al 2016 (62). 
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1.3 UV damage products depend on the wavelength of light  

UV radiation has long been linked with cell death by causing chemical changes in DNA (63, 

64). Since then it has been shown UV radiation causes DNA damage in two main forms; 

cyclobutane pyrimidine dimers (CPDs) and 6-4 pyrimidine-pyrimidone photoproducts ((6-

4) PPs) (shown in figure 1.2) (2, 65). The type of DNA damage formed depends on the 

wavelength of light. UV light is conventionally separated into UVA (320-400 nm), UVB 

(280-320 nm), and UVC (200-280 nm). Atmospheric ozone blocks out most of the UVB and 

UVC radiation, with ~95% of UVA and ~5-10% of UVB radiation reaching the surface of 

earth (64, 66). UVB and UVC light are absorbed by DNA and react to cause CPDs and (6-

4) PPs. It is estimated around 70-80% of UV-lesions are CPDs, and 20-30% are (6-4) PPs 

following exposure to sunlight (67, 68), however, (6-4) PPs are produced more efficiently at 

lower wavelengths of light that are mostly blocked by ozone (69). Although UVA light is 

not efficiently absorbed by DNA, it reacts with other cellular macromolecules that can 

indirectly damage DNA by generating ROS (66, 69, 70). (6-4) PPs are produced from a 

covalent bond between adjacent pyrimidine bases (figure 1.2), these lesions are more 

mutagenic than CPDs as they can cause transition mutations in the DNA (67). CPDs are 

formed by covalent bonding between two adjacent pyrimidine bases to form a cyclic butane 

ring (figure 1.2) (71). Both (6-4) PPs and CPDs are lethal to cells unless repaired. This is 

highlighted by the fact that when the NER pathway that repairs these lesions is disrupted it 

causes diseases in humans (discussed in section 1.7) (72). 
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Figure 1.2 DNA photoproducts formed by UV 

radiation. ‘Normal dTpT’ shows two adjacent thymines 

joined by a phosphodiester bond. Upon UV irradiation 

(arrows) two major phoducts; cis-syn CPD and (6-4) 

photoproducts are shown. Figure adapted from (73). 

254 nm 
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1.4 Nucleotide excision repair 

NER is evolutionarily conserved across all domains of life. Simultaneous observations in 

1964 showed the removal of UV damage from DNA, and repair of the DNA backbone (74-

77). Since then it has been found that NER primarily repairs UV damage such as CPDs and 

(6-4) PPs that form bulky adducts on DNA (78, 79). NER is a promiscuous pathway that 

responds to almost all types of damage, this can be seen as a safe option to the cell. Instead 

of utilising many enzymes to deal with different lesions, excision of damage containing 

DNA provides a system able to react and remove a vast array of damage in a relatively non-

specific manner. NER involves recognition of DNA damage through either transcription-

coupled repair (TCR) or through global genome scanning. The large variety of damage types 

are thought to be identified by disrupted base pairing around the lesion. The more a lesion 

disrupts the DNA duplex, the faster it is repaired (80). (6-4) PPs are more distorting than 

CPD lesions, enhancing their recognition by NER and leading to a nine-fold increased rate 

of removal compared to CPDs (81-83). Various chemical DNA damage can also distort the 

structure of the DNA helix, especially bulky chemical groups that covalently bind to DNA 

and disrupt base pairing such as those caused by polyaromatic hydrocarbons, 

and benzo[a]pyrene (8).  

1.4.1 Transcription-coupled nucleotide excision repair  

TCR was first proposed when groups observed CPDs in actively transcribed genes were 

repaired faster than the rest of the genome (82, 84). In E. coli, lesions in the transcribed 

strand stall RNA polymerase as it transcribes DNA, Mfd is then recruited to displace RNA 

polymerase from DNA, and UvrA is subsequently recruited to initiate DNA repair (85-87). 

Interestingly, damage on the non-transcribed strand of a gene does not trigger TCR and is 

repaired at the same rate as the rest of the genome, showing the strand specificity of TCR 

(82, 84, 85). TCR is conserved and occurs in eukaryotes where the functional equivalent of 

Mfd is CSA/B (88).  
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1.5 Global-Genome repair in bacteria 

Lesions are detected through TCR or global-genome repair (GGR) and then the pathways 

merge together. GGR begins with UvrA detecting a lesion and is shown in figure 1.3. Once 

damage is detected, DNA unwinding and verification takes place to ensure the lesion is a 

substrate for NER – an important step to prevent incision on undamaged DNA (89, 90). The 

DNA is then excised with sequential endonuclease reactions to liberate ~12 nucleotides of 

DNA containing the lesion (25-30 nucleotides in eukaryotes (91, 92)) (78). After incision 

has taken place, the incision complex and oligonucleotide are removed from DNA (93). 

Polymerases are then able to load on the DNA to carry out repair resynthesis with ligation 

of the backbone completing repair (94). E. coli proteins are mechanistically homologous to 

eukaryotic NER proteins, however the bacterial counterparts are easier to culture, purify, 

and require only 4 proteins to successfully excise DNA (NER in mammalian cells requires 

~ 30 proteins) (78, 95-100); providing a good model system to understand individual protein 

function in the context of a more complex system. In chapter 3 of this thesis purified bacterial 

proteins are used to understand the ATPase activity of UvrA and how it contributes to 

damage detection in NER. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.3 Nucleotide excision repair in bacteria. 

 

Initial damage detection is carried out by UvrA 

(GGR) or by the transcriptional machinery (TCR) 

 

 

UvrB is then recruited to verify the damage and 

initiate incision of the DNA 

 

 

UvrA is removed from the UvrB-DNA complex to 

allow UvrC to incise the DNA either side of the 

lesion 

 

 

The UvrD helicase then removes the damage 

containing oligonucleotide and proteins from the 

DNA 

 

 

Pol I and DNA ligase then complete repair 

resynthesis of the DNA  
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1.5.1 Damage recognition in nucleotide excision repair 

UvrA is responsible for searching the genome for DNA damage in E. coli (98, 101), it does 

this as a UvrA2 homodimer (hereafter UvrA for clarity) (90, 101, 102). UvrA has an 

increased affinity for UV damaged DNA (~2-4 fold) (101, 103-105), and an even higher 

affinity for single-stranded DNA (97, 106), suggesting damage recognition is based on 

recognising disrupted base pairing. This explains the diverse array of lesions recognised and 

repaired by NER. UvrA’s affinity for damage substrates is dependent on the nucleotide 

bound to each ATPase site in UvrA (discussed in section 3.3). Upon binding to DNA, UvrA 

bends the helix to cause local unwinding (104, 105). Previous work has shown that DNA 

bending is important for protein:DNA interactions (107), likely affecting the 

thermodynamics of complex stability, and enhancing the recognition of damaged DNA 

among structurally similar undamaged DNA (104, 105). Once UvrA recognises damage, it 

is able to recruit and load UvrB onto the DNA to verify the presence of damage (96). While 

UvrA binds DNA and searches for damage as a homodimer, it can also search for damage 

in complex with UvrB (102-104, 108, 109). There are discrepancies over the complex 

stoichiometry; either UvrA2B2 (98, 109-112) or UvrA2B1 (90, 110). Single molecule 

fluorescence experiments showed UvrAB forms in solution and binds to DNA where it slides 

along the backbone, whereas UvrA alone uses a three-dimensional DNA search (109). The 

collapse in dimensionality from three- to one- dimension caused by the addition of UvrB to 

UvrA increases the number of base pairs able to be interrogated, and therefore increases the 

speed of finding damage (109).  

 

Alongside UvrA and UvrAB, the UvrBC complex has been shown both in vitro and in vivo 

to be capable of excising damaged DNA (90, 113, 114). This recent observation provides a 

UvrA-independent mechanism to detect and repair DNA damage. This pathway may be 

important when a large number of lesions exist in a cell, where additional damage 

recognition proteins such as Mfd are able to recruit the UvrBC complex to carry out incision. 

However, the UvrBC complex is also capable of binding and diffusing on DNA to recognise 

damage (113, 115). UvrC is an endonuclease that incises the damaged DNA strand either 

side of the lesion (78, 116-118), however, as few copies of UvrC exist per cell (~10 (117)) 

it is likely found in complex with UvrB in vivo (~ 150 copies (95)) which may prevent 

unwarranted DNA incision (113, 117). Springall et al visualised a mixture of UvrA, UvrB, 

and UvrC binding to DNA as a heterogenous population (table 1.1). This diversity is likely 
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more controlled in vivo, where regulation of protein concentration defines the equilibrium 

of different complexes. However, it is likely that UvrA reflects the major damage sensor, 

distinct from being in complex with UvrB. UvrC is capable of binding DNA alone, but 

considering estimated copy numbers, probably exists mainly bound to UvrB. Both UvrAB 

and UvrBC have enhanced affinity for damaged DNA and likely reflect damage verification 

complexes but may also search the genome for damage (103, 108). 

1.5.2 UvrA’s interaction with UvrB 

In a crystal structure of the UvrAB complex, UvrB binds each end of the UvrA homodimer, 

forming a BAAB sandwich (figure 1.4) (112). This UvrAB complex has been suggested to 

form in solution and find damage (102, 104, 109), or form on DNA after UvrA finds damage 

and loads UvrB (90, 119, 120). The structure in figure 1.4 shows a DNA binding channel 

down the centre of the protein that is estimated to be capable of binding around 45 base pairs 

of DNA. This location of UvrB molecules is some distance from the lesion (assuming it is 

bound in the centre of UvrA). This means that once UvrA is displaced from the UvrAB-

DNA complex in an ATP-dependent reaction (90), UvrB has to translocate towards the 

lesion on the damaged strand of DNA. It is known that only one UvrB molecule exists in the 

incision complex when UvrC cuts the DNA, suggesting the higher affinity for DNA damage 

and disrupted base pairing around a lesion encourages formation of the UvrB-damage 

complex rather than an undamaged bound complex, causing one UvrB molecule to leave the 

DNA (102, 110, 112). 

Table 1.1 Heterogenous populations of UvrABC 

repair proteins. Springall et al imaged the various 

complexes that form on DNA using different 

coloured fluorescent QDOTs (108). *UvrB alone 

does not bind DNA so was counted as UvrBC or 

UvrAB. UvrAB and UvrBC complexes were imaged 

as dual colour complexes and these data are pooled. 

**UvrAC complexes were only observed with UvrB 

present. ***Triple-coloured complexes of all three 

Uvr proteins. 
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Figure 1.4 UvrA2B2 complex crystal structure. 

3UWX crystal structure of dimeric UvrA 

(coloured magenta and yellow, centre) 

sandwiched by two UvrB monomers (orange) 

(112).  The beta-hairpin of UvrB that interacts 

with the DNA is shown in blue. A) The side and 

B) the front on view show the DNA binding site 

forms a deep groove that arcs across the full 

structure of the protein. A rough guide of where 

the DNA would bind is shown with a dashed 

green line. Structure  created in PyMol (121) 

A 

B 
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1.5.3 UvrB’s beta hairpin verifies the presence of DNA damage 

UvrB acts as the hub of prokaryotic NER, interacting with every protein in the pathway; 

UvrA, UvrC, UvrD, and Polymerase I (122, 123). Whilst these interactions are key for NER, 

UvrB’s main role is to verify the presence of DNA damage. UvrB requires ATP hydrolysis 

and UvrA to form the pre-incision complex with damaged DNA and carry out NER (96, 105, 

124). Helicase motifs were identified in UvrB during a systematic analysis of nucleotide-

binding proteins (125), these motifs bear strong similarity to the eukaryotic counterparts 

RAD3 (XPD) and RAD25 (XPB) (examined in chapter 4) that are involved in unwinding 

the DNA and verifying the lesion in eukaryotic NER. This discovery was closely followed 

by the crystal structure of Bacillus caldotenax UvrB (figure 1.5). In this structure the ATP 

binding site and helicase motifs were observed, as well as residues involved in coupling 

these activities together (126). However, UvrB is not a true helicase. The UvrAB complex 

is capable of displacing oligonucleotides, but does not processively unwind the DNA (89, 

127-129); instead it induces local conformational changes that lead to unwinding (128).  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.5 The structure of UvrB bound to DNA. Bacillus caldotenax UvrB structure colour coded by 

domain; Domain 1a cyan, domain 1b green, domain 2 yellow, domain 3 orange, and the beta hairpin in red. 

This structure shows the beta hairpin pinning the single-stranded DNA (grey) against domain 1b as suggested 

in the padlock model (130). Structure 2FDC from Truglio et al (100) with domains assigned as in Theis et 

al (130). Structure created in PyMol. 

90° 
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UvrB is able to reach a lesion by diffusing in complex with UvrA, or alternatively, UvrB can 

be directly loaded onto a lesion by UvrA (109, 113). Upon binding a lesion, conformational 

changes lead to the release of UvrA and formation of a UvrB-damage complex. Once UvrB 

is bound to a lesion it must then verify the presence of genuine damage; this involves further 

bending and unwinding of the DNA (89, 131, 132). Comparing UvrB’s crystal structure to 

closely related counterparts PcrA, NS3, and Rep  showed that if UvrB were to bind DNA in 

the same orientation, the translocating strand would be obscured by a beta-hairpin structure 

found in UvrB (133). This beta hairpin is critical for UvrB’s ability to discriminate DNA 

damage, with extensive mutational studies identifying a stretch of residues at the tip of this 

hairpin (figure 1.5) being vital for DNA incision, damage binding and ‘helicase’ activity 

(127). Furthermore, the beta hairpin is key for translocation, and formation of the pre-

incision complex. The padlock model proposed by Van Houten and colleagues describes 

how the beta hairpin holds the non-translocating strand against domain 1b (figure 1.5) (126, 

134) while the translocating strand passes in front of the beta hairpin where the aromatic 

tyrosine residues flip the scanned nucleotides out of the helix, probing for helix distortions 

and detecting DNA damage (135, 136). Upon binding to a lesion UvrB’s ATPase activity is 

stimulated, causing conformational change that cause UvrA to release from the UvrAB 

complex (116, 130). This interaction is critical, deletion of the UvrA binding domain from 

UvrB (domain 2) prevents formation of the pre-incision complex, ‘helicase activity’, and 

ATPase activity leading to DNA incision (137, 138). Once UvrA is released, the UvrB-

damage complex forms a substrate for UvrC to bind (130).  

1.5.4 UvrC performs both incisions on DNA  

UvrC is a dual endonuclease that excises ~12 nucleotides of DNA around the UvrB-DNA 

complex with sequential incisions 5’ and 3’ of the lesion on the damaged strand (78, 116, 

131). Interactions between UvrC and UvrB likely trigger both incision reactions (139, 140), 

although this is still unclear. It has also been suggested that the 3’ incision causes further 

unwinding of the DNA, that then triggers the 5’ incision on DNA (89). Furthermore, it has 

been observed that UvrBC can diffuse on DNA to find damage (108, 113). It is thought that 

spurious DNA incision by UvrBC is prevented by UvrB’s ability to verify damage, and this 

likely represents the population of UvrC in vivo (108). 
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1.5.5 Repair resynthesis and ligation 

When cells are irradiated, potentially thousands of damage sites are formed on DNA. 

Accurate estimates of cellular copy numbers of UvrA, UvrB, and UvrC are lacking, with 

early biochemical reports estimating ~10 molecules of UvrC (117), ~20 molecules of UvrA 

(95), and ~150 molecules of UvrB (95), while more recent in vivo observations suggest 

higher concentrations of UvrA (~85 molecules per cell) (119). However, both sets of 

numbers suggest that efficient turnover of repair machinery is required to deal with damage 

in a timely manner. After excision, UvrBC form a stable complex with damage containing 

DNA (78, 123, 141). The combination of DNA Polymerase I (Pol I) and UvrD together are 

able to displace UvrB and UvrC as well as the excised oligonucleotide from DNA (141-144). 

The removal of UvrBC from the DNA produces a substrate for Pol I to bind, allowing 

resynthesis of the DNA (145). DNA ligase can then ligate the remaining nick to reseal the 

DNA and complete repair (141, 142). 
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1.6 Eukaryotic NER 

NER is evolutionarily conserved across all domains of life. All NER pathways involve DNA 

damage detection, verification of the lesion and then excision by structure specific 

endonucleases (146). However, the eukaryotic pathway is more complex, and requires over 

30 proteins (147, 148). A simplistic overview of eukaryotic NER is shown in figure 1.6. 

Eukaryotic NER, like prokaryotic can be stimulated by either transcriptional stalling 

(transcription-coupled repair (TCR)), or by global-genome scanning repair (GGR) – the 

latter is discussed here.  

 

 

 

 

 

 

 

 

  

Figure 1.6 Basic overview of events in eukaryotic NER.  

XPC-Rad23b locates helix distorting DNA damage and 

recruits the TFIIH complex.  

 

TFIIH subunits XPD and XPB are helicases that 

unwind the DNA and verify the presence of damage. 

 

Endonucleases XPF-ERCC1 and XPG then cut either 

side of the lesion and remove the damaged DNA.  

 

DNA Polymerases then resynthesize the DNA and 

Ligases seal the nick, completing repair.  

 

 

p52 

XPB 

p8 
p34 

p62 

 

XPD 
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1.6.1 In eukaryotes TFIIH carries out NER  

The components involved in eukaryotic NER were initially discovered by observations in 

yeast showing that mutating certain genes affected cell viability and increased sensitivity to 

UV irradiation. RAD1 (XPF), RAD2 (XPG), RAD3 (XPD), RAD4 (XPC), and RAD25 

(XPB) among others were found to be epistatically linked and confer sensitivity to UV 

irradiation (149-153). Then, in 1991 TFIIH (Transcription factor II H) was discovered as a 

major transcription factor key for cell survival (154). Additional studies then showed the UV 

sensitive genes in yeast encoded subunits of TFIIH and established a link between TFIIH 

and DNA repair (150, 155, 156). It is now known that TFIIH has a major role in NER, and 

defects in the XP genes such as XPB and XPD disrupt DNA repair and lead to diseases 

discussed later (section 1.7) (157-159). Here TFIIH’s role in DNA repair is discussed, for an 

excellent review of TFIIH’s role in transcription see Zurita and Merino (160). 

1.6.2 XPC detects DNA damage 

Damage detection in GGR is carried out by the XPC-hHR23B complex (XPC hereafter 

(figure 1.6)) (83, 161-163). NER responds to a broad array of DNA lesions that requires a 

dynamic and broad detection capability from XPC (78, 164). In vivo, XPC is assisted by 

UV-DDB (162, 165-167). UV-DDB is able to bind lesions located in chromatin compacted 

DNA, whereas XPC is not (168). UV-DDB binding to damage is thought to alter the 

structure of the chromatin to allow the NER machinery to access the lesion, and repair to 

take place (169, 170). Interestingly, a crystal structure of XPC bound to DNA damage (PDB 

ID: 2QSG) shows it does not directly interact with the lesion but inserts beta-hairpin 

structures into the DNA to detect disruption to the duplex caused by damage; similar to UvrB 

(115, 171, 172). When XPC interacts with the DNA it bends the duplex ~45° regardless of 

damage presence. This bending of the DNA may aid damage detection as it is thought 

damaged DNA forms a more thermodynamically stable complex with XPC than undamaged 

DNA, providing a better NER substrate (173, 174). Studies using the yeast homologue of 

XPC (Rad4-Rad23) demonstrated that to find damage, Rad4-Rad23 slides along the DNA 

(175). However, recently it has was shown human XPC-RAD23B locates lesions by hopping 

along the DNA, therefore avoiding obstacles (176). However, both studies show once 

disrupted base pairing is located, XPC switches to constrained DNA diffusion – restricted 

movement around the destabilised DNA that may be important for recruiting TFIIH (163, 

175-178). XPC can also recognise many DNA sites that do not contain bona fide damage; 
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therefore, additional verification of damage by XPD and XPB helicases within TFIIH is key 

in preventing unwarranted DNA incision (171, 172, 175). 

1.6.3 TFIIH is recruited to the lesion, and unwinds the DNA  

In the XPC:damage complex, the N-terminal region of XPC interacts with XPB and p62, 

recruiting the TFIIH complex to the DNA (161, 178, 179). Once TFIIH is loaded onto the 

DNA the two helicases, XPD and XPB unwind around ~10-25 base pairs of DNA (178, 180, 

181). XPB’s ATPase is essential for this, and for remodelling of the TFIIH-DNA complex. 

Mutations that disrupt XPB’s ATPase prevent TFIIH’s recruitment to DNA and cause 

disease (178, 182-184). Surprisingly, the 3’-5’ helicase activity of XPB is unnecessary for 

TFIIH’s of unwinding of DNA (184). However, the 5’ – 3’ helicase activity of XPD is 

absolutely required for NER (150, 185-187). These observations have led to speculation that 

XPB may act as a molecular switch where ATP hydrolysis allows conformational changes 

in the DNA that aid XPD in unwinding the DNA from the 5’ side of a lesion (188-190).  
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1.6.4 Damage verification by XPD 

XPD is part of the superfamily 2 helicases (SF2) and is responsible for verifying the presence 

of DNA damage on the DNA; however, it also contains an iron sulphur cluster (4Fe-4S, Fe-

S hereafter) (190, 191). Fe-S clusters can be structural and aid in protein folding as well as 

thermal stability but are emerging as being important for DNA binding and enzymatic 

activity (192-196). In the yeast homologue of XPD, mutations to the Fe-S cluster 

coordinating residues leads to a loss of helicase activity (191, 197-199), and damage 

verification (200). XPD translocates along DNA using an inchworm mechanism, where the 

hydrolysis of ATP provides free energy for conformational changes in the helicase domains, 

allowing a ratcheting movement along the DNA in distinct steps (shown in figure 1.7) (190, 

201-204). The current model for XPD’s translocation on DNA involves the arch domain and

Fe-S cluster breaking the DNA duplex into single-stranded DNA, explaining the loss of 

helicase activity with Fe-S mutants (191, 197). The 5’ ssDNA then passes through a pore 

formed between the arch and Fe-S domain to the two helicase domains (199, 205, 206). 

Figure 1.8 shows the four domains of XPD with a 5 nucleotide stretch of single-stranded 

DNA bound to the HD2 domain of XPD, supporting the path of DNA described here (207), 

and has been further supported by a recent cryo-EM (Cryogenic electron microscopy) 

structure (discussed in chapter 4) (208). A DNA binding site between helicase domain 1 

(HD1) and the Fe-S cluster is key for verifying damaged bases on the translocating strand 

(206, 209) and explains the loss of damage recognition in Fe-S mutants (200). Surprisingly, 

XPD can also detect damage on the non-translocating strand (200). Recognition of a lesion 

stalls XPD in an ATP-dependent manner (189, 200, 210), this signals the presence and 

location of DNA damage and is required for incision to take place (189, 200, 210).  
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Figure 1.7 Translocation by SF2 family helicases. ATP binding induces conformational changes pushing HD2 

along the DNA (towards the 3’ end) whilst HD1 is tightly bound to ssDNA. Upon ATP hydrolysis the HD2 

domain then becomes tightly bound to ssDNA, while the HD1 domain slides along DNA. A) Protein domain 

contacts with DNA during translocation for SF2 helicases. Colour coded dots represent contacts with 

respectively coloured domains. B) Model of HD1, HD2, and Fe-S domains moving along ssDNA. Taken from 

Cheng & Wigley 2018 (201). 

Figure 1.8 Crystal structure of Thermoplasma acidophilum XPD. The four domains of XPD are colour coded 

and labelled in A) as cartoon B) as space fill. A 5 nucleotide single-stranded DNA (ssDNA) yellow) substrate 

can be seen bound to the HD2 domain (red). The iron atom can also be seen (orange) in the Fe-S domain 

(blue). Domains were defined using the data from Kuper et al 2012.  Figure was created in PyMol from PDB 

structure 4A15 (211). 

A B
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1.6.5 Dual incisions remove the DNA damage 

To remove DNA damage, concerted dual endonuclease incisions release an oligonucleotide 

of 24-32 bases containing the damage (212). The endonuclease reactions themselves are 

independent of ATP, but ATP is crucial to form the substrate for incision (213). The 3’ and 

5’ incisions are carried out by XPG and the XPF-ERCC1 complex (XPF hereafter) 

respectively (164, 214, 215). These structure-specific, oppositely polar endonucleases 

require the correct orientation of TFIIH on DNA in order to successfully remove the damage 

(213, 215). This is achieved by XPD unwinding the DNA to form a bubble, RPA and XPA 

are then recruited to hold the DNA open - allowing access for both endonucleases to the 

damaged strand (164, 178, 180, 181, 216). Historically, it was thought XPG is the first 

endonuclease to cut and then XPF (215, 217, 218). However, catalytically dead mutants 

showed only the presence of XPG is necessary for XPF to cut, but not the 3’ incision itself 

(219, 220).  

1.6.6 Repair synthesis 

After incision, the damaged oligonucleotide remains bound to TFIIH and is then handed off 

to RPA and degraded (221, 222). The 5’ incision by XPF generates a free 3’ hydroxyl group 

on the backbone which is a substrate for DNA polymerase (220). XPF also recruits 

proliferating cell nuclear antigen (PCNA) which acts as a processivity factor for DNA 

polymerases (Pol δ/ε) to carry out successful repair synthesis (37, 220, 223-225). Pol δ/ε 

move from the 3’OH loading site at the 5’ incision site, in a 3’-5’ direction, leaving a 5’ 

phosphate that is ligated by DNA ligase I to complete the NER reaction (37, 223, 226). 

1.6.7 Mutations in TFIIH disrupt protein-protein interactions 

Mutations that disrupt the NER pathway can lead to disease in humans. Most disease-causing 

mutations in TFIIH are found in XPB, XPD, and p8 (157). However, it is likely that 

mutations occur throughout TFIIH but are either lethal or have little effect and therefore go 

undetected. Reported mutations have been shown to not actually affect the enzyme activity 

itself but disrupt critical protein-protein interactions that lead to a disease phenotype (157, 

199, 227). Xeroderma pigmentosum (XP), Cockayne’s syndrome and trichothiodystrophy 

are all caused by mutations in TFIIH and are discussed extensively  elsewhere (227). In 

chapter 4 of this thesis, the helicase critical for DNA damage verification, XPD, is studied. 

XPD is stimulated by p44 (159, 207), and the disruption of this interaction leads to XP. 
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Around 87% of XP group D patients have mutations on the C-terminus of XPD where p44 

binds (159, 184). These C-terminal mutations prevent p44 interacting with XPD, decreasing 

helicase activity, and reducing the overall viability of DNA repair (159, 207). Two clinical 

mutants, R616P and G675R in XPD have been shown to disrupt XPD’s co-purification with 

TFIIH. These mutants disrupt interactions with the anchor region of p62, a key protein-

protein interaction domain and have led to speculation that p62 may be involved in 

regulating XPD (177, 228). 

1.6.8 The overall structure of TFIIH  

TFIIH is highly conserved and forms a horseshoe shaped structure (figure 1.9). The core of 

human TFIIH comprises two helicases, XPD and XPB that form the base of the horseshoe, 

and five other subunits p44, p62, p34, p8, p52 that form the arch – shown in figure 1.9 (177, 

186, 187, 205, 226, 229-232). The CDK activating kinase complex (CAK) is attached to 

TFIIH via XPD, the CAK module is formed of Cdk7, MAT1, and CCNH. MAT1 has been 

shown to inhibit XPD’s helicase activity, possibly by clamping down on the arch domain to 

which it is associated, preventing DNA passing through (203, 206, 233-235). Cdk7 

phosphorylates the CTD domain of RNA polymerase II which is key for transcription (236-

238). The CAK complex is not visible in figure 1.9 (besides MAT1) because it is flexibly 

tethered to TFIIH (231, 239). However, for NER to occur, MAT1 and the CAK complex 

must be released (233). Recently, a high resolution cryo-EM structure of human TFIIH has 

been obtained, bearing strong similarities to previous work (205, 239, 240). The 3.7 Å 

resolution structure captures the transcriptional state of TFIIH and resolves all subunits, 

including the previously elusive p62 protein (239). These cryo-EM structures reveal the 

damage verifying helicase XPD is contacted extensively by p62 and p44; while p44 has 

previously been shown to stimulate XPD’s ATPase activity, p62’s role is unknown (159, 

207). In chapter 4 the interactions between p44, p62, and XPD are investigated for their role 

in DNA repair.  
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Figure 1.9 Recent Cryo-EM structure of transcriptional TFIIH.  This high-resolution structure shows 

the core TFIIH subunits and the architecture of the complex. For the first time the majority of p62 

can be assigned unambiguously. The extensive contacts between p44, p62, and XPD can be seen 

here. This interaction is explored further in chapter 4.  Structure created in PyMol using PDB: 6NMI 

(239). 
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1.7 Disruption of DNA repair leads to disease  

Mutations in genes encoding DNA repair proteins can impair the proteins ability to repair 

DNA. This is highlighted by the tumour suppressor protein p53, found mutated in ~ 50% of 

cancers (241). Mutations in the gene coding for p53 show a “UV mutation signature”, a 

specific marker that UV radiation disrupts p53’s function. This disruption compromises the 

ability of cells to repair DNA (242). These defects in cellular DNA repair machinery can 

lead to a number of diseases, three main diseases that arise from defects in NER are described 

below: 

Xeroderma pigmentosum (XP) is phenotypically characterized by UV hyper-sensitivity and 

increased incidence of skin cancers. XP patients have a 1000-10,000 fold increased 

frequency of skin cancer and usually succumb to metastatic carcinoma early in life (243-

246). Mutations that cause XP can be found in various NER proteins and are classified into 

7 complementation groups depending on which protein is disrupted. Interestingly, some XP 

complementation group patients develop progressive neurological degeneration, linked to 

TFIIH’s role in transcription and other cellular roles beyond that of DNA repair (247). Most 

disease causing mutations found in XPD disrupt protein-protein interactions with the core of 

TFIIH but not XPD’s own activity (199, 207, 228, 248). 

 

Trichothiodystrophy (TTD) clinically presents with short stature, mental retardation, ataxia, 

spasticity, and brittle hair (249, 250). Mutations in three TFIIH genes; XPB, XPD, and 

GTF2H5 underlie the pathophysiology (251). In around 50% of cases photosensitivity is 

reported, similar to XP (249). However, there is a large variance in clinical severity in TTD, 

linked with a large number of mutations in three different genes (252). Additional 

physiological symptoms such as short stature and sterility are likely caused by the crossover 

of DNA repair and transcriptional roles of TFIIH. It has been shown that TTD mutations 

reduce the cellular concentration of TFIIH (253, 254) and this reduction may affect the 

expression of genes in certain tissues at critical periods (157). For more information on TTD 

see Stefanini et al (252). 

 

Cockayne syndrome (CS) symptoms include dwarfism, mental retardation, microcephaly as 

well as skeletal and retinal abnormalities (255, 256). CS is caused by disrupted TC-NER 

(256). The CSB protein (eukaryotic functional equivalent of Mfd) aids RNA polymerase 
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stalled on DNA, and helps recruit NER factors to DNA (88). As well as this, CSB itself acts 

as a transcription factor (257). For a great review see Karikkineth et al 2017 (258).   

These diseases can be very severe, but are rare, with XP having an incidence of around one 

in a million people (Europe and the USA (259)). The diverse features caused by mutated 

DNA repair proteins are not yet fully understood. Furthermore, crossover between DNA 

repair and transcriptional roles of TFIIH make deciphering the pathophysiology difficult, 

especially when diseases such as XP and CS share clinical features. However, these diseases 

do provide an insight into how critical DNA repair is for organism survival, and may help 

us understand the bigger picture of multifunctional proteins such as TFIIH.  

1.8 How do DNA repair enzymes locate DNA damage? 

Biological processes such as replication, transcription, and DNA repair require protein 

movement along DNA (260). In the case of a DNA repair enzyme finding damage, this must 

occur on a temporal scale that enables cell survival. With such a vast number of undamaged 

base pairs, and a relatively miniscule number of damage sites, how are proteins able to detect 

DNA damage and carry out repair before cells are subject to potentially dangerous 

mutations? In a cellular environment, the cytosol is packed with macromolecules. A protein 

using a diffusive search for a damaged base among millions of structurally similar 

undamaged bases is analogous to finding a needle in a haystack. Constant collisions with 

macromolecules and incorrect substrates take up time and affect the proteins trajectory 

within a cell. Biological complexities also have to be considered when thinking about 

diffusion in a cell; DNA is littered with other proteins that roadblock protein movement, 

complex formation may have to occur either on or off of the DNA, and electrostatic 

interactions with DNA are affected by the local salt concentration (260, 261). A study using 

molecular dynamic simulations provides a fascinating insight into how proteins might 

interact with a target in cells. Kanada et al found that crowding in a cell enhances the on rate 

of proteins associating with DNA, but that the diffusion constant is slowed when the DNA 

contains many nucleosomes. Strikingly, despite having a slower diffusion constant, the 

simulations revealed that as the nucleosome density increases, a transcription factor was 

actually able to find its target faster due to the higher local concentration of DNA (262). 

Using physical models, it is possible to calculate the rate a protein can find its target. A 

proteins molecular mass and radius can be determined and then using the Stokes-Einstein 

equation the velocity of diffusion can be determined, accounting for drag and viscosity of 
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the solution. The Smoluchowski limit describes the maximum probability of the protein and 

DNA damage site encountering each other using a random three-dimensional search on 

DNA (263). The probability of an enzyme binding directly to a lesion is very low and would 

require a large number of binding and releasing events in order to find damage. In 1970, 

Riggs et al experimentally measured the association rate of the Lac repressor for the lac 

operator DNA sequence. They found the value was 1000x faster than the calculated limit for 

a three-dimensional diffusive search on DNA (264). The association rate was dependent on 

ionic strength, suggesting that DNA binding proteins roll or hop along the DNA to find their 

target (264). Since then several mechanisms for proteins locating their targets have been 

modelled and demonstrated experimentally, these are shown in figure 1.10, and discussed 

below. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.10 Different protein-DNA associations. Various proteins interact with the DNA in order to 

find their target site. Figure adapted from (263) 
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1.8.1 Sliding 

Sliding was first described by Adam and Delbruck as a one-dimensional search along the 

contour length of DNA, scanning adjacent sites (265).  Riggs and others then provided 

experimental data for this, showing that a collapse in dimensionality, from three dimensions 

to one dimension greatly enhances the rate at which a protein can find its target on DNA 

(260, 263, 264, 266, 267). Sliding is not an active process but occurs through the relatively 

weak electrostatic interactions between the positively charged DNA binding site of the 

protein and the negatively charged DNA. This binding energy keeps the protein in close 

proximity to the DNA backbone and facilitates sliding. As proteins slide they must displace 

positively charged ions from the DNA. This displacement of ions is driven by the thermal 

energy of the system. As the protein displaces ions in the direction of travel, ions rebind to 

the previously occupied site. This results in no overall displacement of ions and means 

sliding is not dependent on the ionic strength (263). If the salt concentration is reduced, 

proteins spend more time sliding on the DNA before releasing into solution. Whereas at high 

salt concentration the ionic strength weakens the protein-DNA interactions and favours 

dissociation into solution (268). As proteins slide along DNA, they follow the helical 

backbone. In doing this, proteins experience rotation-coupled drag proportional to their 

hydrodynamic radius, Schurr proposed a model to calculate the theoretical upper limit for 

protein sliding along the DNA backbone by using the Stokes-Einstein equation and 

accounting for rotation-coupled drag (263, 269).  

1.8.2 Hopping 

The condensed structure of DNA in the nucleus provides an ideal environment for hopping, 

where full dissociation of the protein from DNA is accompanied by a high probability of 

rapid rebinding, resulting in a fast but local search (260, 270). Unlike sliding, hopping is 

affected by the ionic strength, as the complete dissociation and re-association of a protein to 

DNA is shielded by increasing salt concentrations (270). In higher salt solutions, the 

attachment time of a protein to DNA is reduced, while there is the potential for more rapid 

diffusion (260). This sensitivity to salt can be tested experimentally to determine how a 

protein moves on DNA (270).  
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1.8.3 Intersegmental transfer 

In cells, where DNA is densely compact, proteins are able to jump across to other DNA 

molecules, if the protein possesses multiple DNA binding sites, it is possible to bind multiple 

DNA molecules and translocate between them – known as intersegmental transfer (260, 

263). An example of intersegmental transfer is the UvrA2B2 complex (discussed in section 

1.5), which can jump between two DNA molecules, without full dissociation from the DNA 

(263, 270).  

1.8.4 How to reconcile these different mechanisms of translocation  

In vivo DNA is bound by many proteins such as histones and transcription factors. Collisions 

between proteins and these obstacles on DNA affect the rates observed, furthermore 

molecular crowding in solution and local salt concentrations all contribute, but are difficult 

to recapitulate in vitro. For a protein to find its target site, a combination of these search 

mechanisms such as one-dimensional and three-dimensional diffusion are required for an 

efficient search. Repeated binding and releasing from DNA, interspersed with sliding along 

the DNA in order to find a lesion is likely how proteins are able to find their targets in a time 

frame that allows for cell survival (263, 270, 271). 

1.9 Using single molecule approaches to study DNA repair 

Single molecule techniques have revolutionised our ability to investigate and understand 

how biological processes occur. The use of bulk phase studies prevents the individual 

behaviour of proteins being distinguished, with only an average being represented in the 

final measurements. Given the complexity of DNA repair pathways and frequent cross talk, 

this makes it hard to define a cause & effect relationship. However, using single molecule 

approaches it is possible to isolate individual functions of proteins and then reconstruct the 

system in vitro (226, 272). Super resolution microscopy now allow sensitive observations of 

individual protein molecules interacting with the DNA. This is a particularly powerful 

technique for studying protein:DNA interactions, where proteins can be observed binding to 

DNA in real time, and the rates at which this occur can be quantified. The use of single 

molecule techniques has been excellently demonstrated by seminal findings showing the 

mechanical properties of DNA, how a protein finds its target, and how helicases unwind 

DNA (273-279). Classic fluorescent proteins such as GFP photobleach quickly, and prevent 

imaging for long times, or at high speeds. However, progression in fluorophore design has 
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yielded several new, bright, and stable fluorophores such as mScarlet that is used in this 

thesis (280). Additionally,  fluorescent  semiconductor nanocrystal particles, quantum dots 

(QDOTs) are resistant to photobleaching, and have sharp, extremely bright emission peaks, 

but a very broad excitation wavelength making them ideal for single molecule imaging of 

proteins interacting with DNA (273). 

1.10 Aims of this thesis  

The aim of the work in this thesis is to understand the mechanistic details of how nucleotide 

excision repair proteins can find and verify the presence of DNA damage. Discovering the 

minute details of DNA repair is key for understanding the cellular processes that maintain 

genomic stability but when disrupted, lead to aging and diseases such as cancer. Using a 

combination of biochemical and modern single molecule imaging techniques I aim to break 

down the complexity of the DNA repair pathways and understand individual processes that 

can be put into a broader context with recent crystal and cryo-EM structures (239, 281). 
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Chapter 2  

 

Experimental methods 
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2.1 Common buffers and solutions  

XPD buffer;  

20 mM Tris pH 8.0, 1 mM TCEP, 10 mM KCl, 1 mM EDTA, 5 mM MgCl2 

 

ABC buffer;  

50 mM Tris pH 7.5, 50 mM KCl, 10 mM MgCl2 

 

UvrA storage buffer; 

50 mM Tris pH 7.5, 500 mM KCl, 0.1 mM EDTA, 5 mM DTT 

 

p44/p62, p62 storage buffer; 

20 mM Tris pH 8.0, 200 mM KCl, 5 mM MgCl2, 1 mM TCEP 

 

XPD, N-p44 storage buffer; 

20 mM Tris pH 8.0, 10 mM KCl, 5 mM MgCl2, 1 mM TCEP 

 

All stock solutions and protocols were based on Molecular cloning - A laboratory manual, 

or the manufacturers guidelines unless stated otherwise (282). Reagents were purchased 

from Sigma-Aldrich UK or Thermo Fisher Scientific UK unless stated otherwise.  
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2.2 Cloning of UvrA gene 

To create a UvrA-mScarlet fusion protein the UvrA gene was cloned into a vector upstream 

of the fluorescent protein gene (pET21a). The pET21a vector contained an unrelated gene 

(RLC) upstream of mScarlet that was removed using primers that amplified the vector 

outside of the RLC gene region. These primers also contained a tail region that was 

complementary to the start and end sequences of the UvrA gene to enable Gibson assembly 

to take place (figure 2.1). The amplified, linearised plasmid with RLC removed was 

analysed on an agarose gel and extracted. Primers used to remove RLC and incorporate 

complementary sequences to the UvrA gene: 

Reverse primer; 

5’CGCCCCGAACTTCGATCTTATCCATATGTATATCTCCTTCTTAAAGTT 3’ 

Forward primer;  

5’ CTTCCTTAAGCCGATGCTGTCAGGTAGC TCTGGCACTTCA 3’ 

The bold regions are complementary to the pET21a vector and remove the RLC gene from 

the plasmid. The underlined regions are complementary to the start (reverse primer) and end 

(forward primer) of the UvrA gene to be inserted into the plasmid. 

The gene for E. coli UvrA was obtained from the pCA24N vector (Kindly provided by the 

National Bioresource Project (NIG, Japan)) and was amplified using the following primers: 

Forward primer; 5’ ATGGATAAGATCGAAGTTCGGGGCG 3’ 

Reverse primer; 5’ CAGCATCGGCTTAAGGAAGCGTGC 3’  

The UvrA gene was then isolated from the plasmid on an agarose gel and extracted. Both 

the purified insert (UvrA gene) and the vector (pET21a) were then ligated together using the 

Gibson assembly kit (New England Biolabs (NEB)). The final construct contained the UvrA 

gene with a C-terminal mScarlet fluorescent protein separated by a flexible linker. Further 

C-terminal to mScarlet was a hexa-histidine (His) purification tag and an AviTag. The correct

gene product was confirmed by site-specific restriction digests and sequencing using generic 

T7 primers and is shown in figure 2.1.  
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Figure 2.1 Cloning of UvrA into pET21a. A) Schematic of the removal of RLC from the pET21a 

vector via PCR and the insertion of the UvrA gene using the Gibson assembly kit (NEB). B) A 

plasmid map of the sequenced pET21a construct that was used to purify UvrA-mScarlet.  

A 

B 
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2.3 Protein purification - UvrA 

The UvrA-mScarlet vector was transformed into BL21-DE3 cells (NEB) using standard 

protocols. A single colony was grown in lysogeny broth (LB) with 100 µg/ml ampicillin 

overnight. In the morning cultures were diluted 100-fold and inoculated into fresh media 

with antibiotic. After reaching OD600 0.4-0.6, 20 mL of the cells were inoculated into 1 L 

LB flasks (prewarmed, with fresh antibiotic). Flasks were grown at 37°C, shaking at 260 

rpm until hitting mid exponential phase (OD600 0.4-0.6). 1 mM IPTG was added to induce 

the culture. Inclusion bodies formed with a 27°C degrees 3 hour induction, therefore an 

overnight induction at 18°C was used. Induction of UvrA-mScarlet production was 

confirmed by SDS-PAGE of cell samples pre- and post- addition of IPTG. Induced cells 

were pelleted at 5000 RPM for 10 mins at 4°C in a JA10 rotor (Beckman). The scarlet 

coloured pellet was resuspended in 10 mM Tris pH 8 and 200 mM NaCl and frozen at -20°C 

until purification. 

 

UvrA proved difficult to purify; it precipitated in low salt conditions and bound to spin 

concentrator membranes (Amicon). There were also problems with protein degradation and 

non-specific binding of proteins to both the HiTrap and Heparin columns (GE healthcare). 

To prevent precipitation, a buffer precipitation test was used to determine UvrA’s minimum 

salt requirements. ABC buffer solutions containing KCl concentrations from 0.1 M to 0.3 M 

in 50 mM steps were created. A scarlet coloured His-column elution fraction was diluted 

into 2 mL of different salt solutions and left on ice with gentle shaking for 2 hours, then 

centrifuged. No pellet was observed in any sample. Samples were then left overnight at 4°C. 

After brief centrifugation, precipitation was noted up to 200 mM KCl; buffers for 

purification after this contained ≥ 200 mM KCl / NaCl. Cell pellets were thawed on ice with 

halt protease inhibitor cocktail ((no EDTA) Thermo Fisher scientific)) and kept on ice for 

sonication; 30 seconds on, 59 off, ~60% amp, for 5 minutes of ‘on’. The cell lysate was spun 

at 20k RPM for 20 mins at 4°C. The pellet was discarded, and the supernatant was spun in 

an ultracentrifuge at 50k RPM for 1 hour at 4°C. Sodium phosphate and imidazole were 

added to the clarified supernatant to final concentrations of 50 mM. The supernatant was 

then loaded on a HiTrap Nickel column (GE Healthcare) equilibrated with buffer A (50 mM 

imidazole 500 mM NaCl, 50 mM sodium phosphate pH 7.5) and washed with 30 CV 

(column volumes, 1 mL) of buffer A. Proteins were eluted with a linear gradient from 50-

200 mM imidazole run over 40 CV. Fractions containing UvrA-mScarlet were identified by 
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their scarlet colour, and were then analysed by SDS-PAGE with coomassie staining (figure 

2.2). The purest fractions were pooled together and diluted in low salt buffer B (50 mM Tris 

pH 7.5, 10 mM MgCl2, and 250 mM NaCl) and loaded on a HiTrap Heparin column (GE 

healthcare). Proteins were eluted with a gradient from 250 mM to 1 M NaCl. Fractions were 

again identified by their colour, and analysed by SDS-PAGE (figure 2.2). 

Pure fractions were pooled and spin concentrated in a Vivaspin 100 kDa filter into UvrA 

storage buffer and made 50% w/v with glycerol, stored at -20°C. Concentration of UvrA-

mScarlet was determined spectrophotometrically. The absorbance of mScarlet at OD569 (ε 

100,300 M-1 cm-1) across a dilution series gave a concentration of 3 µM, giving a protein 

yield of 73 µg/L of culture. 

Figure 2.2 Purification of UvrA-mScarlet. SDS-PAGE of HisTrap (left two gels) and HiTrap Heparin 

column fractions (right gel). Purification of overexpressed UvrA-mScarlet (~130 kDa) can be seen from E. 

coli cell lysate through to almost pure protein fractions from the heparin column. Heparin fractions 

containing a large proportion of UvrA-mScarlet also contained a slightly lower molecular weight product, 

most likely a degraded form of UvrA that was unable to be separated further.  
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2.4 Protein purification - TFIIH subunits 

Purified N-p44, p62, p44/p62 and XPD were a kind gift from Professor Caroline Kisker & 

Dr Jochen Kuper (University of Würzburg, Germany) as part of a collaboration. The 

purification procedure for these proteins is described below. The p44/p62 complex contained 

full length p44, and p62 protein, whereas p44 alone (referred to as N-p44) contains only the 

first 285 residues of the protein.  

 

Cloning and purification was carried out by Dr Jochen Kuper using the following method. 

The genes encoding full length p44 and p62 were cloned from Chaetomium thermophilum 

cDNA. p62 was cloned into the pETM-11 vector (EMBL) without a tag. p44 was cloned into 

the pBADM-11 vector (EMBL) containing an N-terminal hexa-Histidine tag. p62 and p44 

were co-expressed in E. coli BL21 CodonPlus (DE3) RIL cells (Agilent) and were co-

purified via immobilized metal affinity chromatography (Ni TED, Machery-Nagel), 

followed by size exclusion chromatography (SEC), and anion exchange chromatography 

(AEC). SEC was conducted with a HiLoad 16/600 Superdex 200 prep grade column (GE 

Healthcare) in 20 mM Hepes pH 7.5, 250 mM NaCl, and 1 mM TCEP. AEC was conducted 

with a MonoQ 5/50 GL column (GE Healthcare). The proteins were eluted via a salt gradient 

ranging from 50 to 1000 mM NaCl. AEC buffers were composed of 20 mM HEPES pH 7.5, 

50/1000 mM NaCl, and 1 mM TCEP. The p44/62 protein complex was concentrated to 

approximately 20 mg/ml and flash frozen in liquid nitrogen for storage. 

 

XPD and N-p44 (residues 1-285) were also from C. thermophilum. XPD was N-terminally 

His-tagged and expressed in E. coli ArcticExpress (DE3)-RIL cells (Agilent). Cells were 

grown in TB medium at 37°C until they reached an OD600 of 0.6. Expression was induced 

with 0.05% L-arabinose at 11°C for 20 h. N-p44 (His tagged) was expressed in E. coli BL21-

CodonPlus (DE3)-RIL cells (Stratagene). Cells were grown as described for ctXPD and 

expression was started by adding 0.1 mM IPTG at 14°C for 18 h. XPD and N-p44 were 

purified to homogeneity by metal affinity chromatography (Ni-IDA, Macherey&Nagel) 

followed by SEC (20 mM HEPES pH 7.5, 200 mM NaCl) and an additional AEC step in the 

case of XPD. AEC was performed with 20 mM HEPES pH 7.5, 50 mM NaCl, and 1 mM 

TCEP as loading buffer and the same buffer containing 1 M NaCl was used for elution. The 

final buffer after AEC was 20 mM HEPES pH 7.5, 250 mM NaCl, and 1 mM TCEP. Proteins 

were concentrated and flash frozen for storage at -80°C. 
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2.5 Complementation assays  

To investigate whether our UvrA-mScarlet construct can rescue UvrAWT knockout cells 

(ΔUvrA), we performed in vivo UV complementation assays. ΔUvrA (Keio) cells were 

obtained from National Bioresource Project (NIG, Japan) and transformed with UvrA-

mScarlet or empty mScarlet vector. Transformed cells were grown in LB with 25 µg/ml 

chloramphenicol to OD600 = 0.5. 5 uL of undiluted, and three, ten-fold serial dilutions were 

plated on LB agar and subjected to either no UV or 5 J/m2 UV (254 nm) irradiation and 

incubated overnight at 37°C in the dark.  

 

2.6 NADH-linked ATPase assay  

 

 

 

 

 

 

 

 

 

 

Two variations of the ATPase assay are described in this thesis, the cuvette format (UvrA) 

and the plate reader format (p44/p62). In this assay the turnover of ATP to ADP is coupled 

to the production of pyruvate from phosphoenol pyruvate (PEP) by pyruvate kinase (PK). 

This recycles ADP and Pi back to ATP, preventing ADP accumulation. Pyruvate is then 

converted into lactate by lactate dehydrogenase (LDH) oxidising NADH to NAD+. This 

process is shown in figure 2.3. Absorbance of NADH (340 nm) is monitored and decreases 

as ATP is turned over and NADH is oxidised.  

 

 

 

 

 

Figure 2.3 The NADH-linked ATPase assay. A schematic of how ATP turnover is coupled to a 

decrease in absorbance at OD340 as NADH is converted to NAD+.  
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The NADH-reaction components are assembled as follows; 

• PEP – dissolved into the reaction buffer (either ABC buffer or XPD buffer) to a final

concentration of 0.5 mM and frozen on dry ice and stored at -20°C

• NADH – dissolved in 0.1 M Tris pH 8.0 to a final concentration of 30 mg/ml and

aliquots flash frozen in liquid nitrogen to avoid freeze-thaw cycles. Stored at -20°C.

• PK and LDH are a premixed stock solution consisting of (PK 600-1000 U/mL) and

LDH (900-1400 U/mL) from Sigma-Aldrich (P0294). 10 µL of this solution is added

per 500 µL of ATPase reaction

2.6.1 UvrA 

For the cuvette format ABC buffer containing 0.5 mM PEP was thawed on ice and 1 

mM DTT added. This solution was used to blank a cuvette at 340 nm in a 

spectrophotometer. NADH was added to a final concentration of 210 µM along with 

the PK/LDH premixed stock. Purified UvrA was added to a final concentration of 25 

nM and the turnover of ATPase rate measured after starting the reaction with the 

addition of ATP (1 mM final) and various DNA substrates (all 50 ng).  

2.6.2 XPD, N-p44 and p44/p62 

For the plate reader format the NADH-reaction components were assembled as a 

master mix with 1 mM TCEP. This solution was dispensed into separate tubes where 

the individual reaction components were added before being plated into a 96 well plate 

(100 µL per well). Proteins were added to a final concentration of 100 nM (equimolar 

concentrations for XPD & N-p44 and XPD & p44/p62) and DNA substrates to a 

concentration of 50 nM. The reaction was started with the addition of 1 mM ATP to 

each well. The change in OD340 was monitored every 8 seconds/well over 30 minutes 

at room temperature in a plate reader (Clariostar, BMG Labtech).  

For both the cuvette and plate reader format the change in OD340 was fitted linearly 

to calculate loss of NADH (6220 M-1 cm-1 at 340 nm), enabling calculation of kcat. 

Reactions were repeated three times and either standard deviation (UvrA) or S.E.M 

(XPD) used as error. An example of the absorbance versus time plots for both UvrA 

and XPD are shown in figure 2.4.  
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Figure 2.4 Real-time NADH-coupled ATPase assay raw data. A) Rates of NAD+ production by UvrA alone, 

UvrA with 1 mM ATP added and after the addition of 50 ng 1000 J/m2 irradiated pUC18. Data traces are fit 

to straight lines (black lines) to determine the rate of ATP hydrolysis per UvrA monomer, kcat as described 

throughout this thesis. Gaps between the data traces are due to the spectrophotometer being opened and are 

easily removable from the data. B) Raw data for the plate reader ATPase assay. Three wells data are overlaid 

and show XPD’s ATPase in the presence of p44/p62 and undamaged ssDNA. The reaction reaches the end 

point where the absorbance plateaus.  As fluctuations in the linearity occur within the data, only the linear 

portion of the rate (shown by a red box in B) is used to determine the rate constant.  

A B 
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2.7 ATPase DNA substrates 

A variety of different substrates were used in the ATPase assay; a short oligonucleotide 

(F26,50), lambda DNA, and pUC18 plasmid. These substrates were either undamaged or 

damaged. All oligonucleotides were purchased from Sigma-Aldrich. Lambda DNA and 

pUC18 were obtained from NEB.  

pUC18; Double stranded plasmid cloning vector pUC18 was prepared by Quentin Smith 

(undergraduate student) using the QIAGEN Midi prep kit.  

Double-stranded oligonucleotides (F26,50 undamaged and damaged) were produced by 

mixing equimolar concentrations of the reverse complementary non-damaged 

oligonucleotide, and either the damaged or undamaged forward oligonucleotide in 1x TE 

buffer (10 mM Tris, 1 mM EDTA, pH 8) heated to 95°C for 5 minutes and left to cool slowly 

to room temperature. 

Undamaged F26,50;  

5`GACTACGTACTGTTACGGCTCCATCTCTACCGCAATCAGGCCAGATCTGC 3` 

Damaged F26,50 contains a fluorescein moiety covalently attached to thymine (*), 

previously demonstrated as a target for NER (134); 

5`GACTACGTACTGTTACGGCTCCATCT*CTACCGCAATCAGGCCAGATCTGC 3` 

F26,50 reverse complementary oligonucleotide; 

5`GCAGATCTGGCCTGATTGCGGTAGCGATGGAGCCGTAACAGTACGTAGTC 3` 

To introduce UV damage into pUC18 and lambda DNA a calibrated 254 nm UV lamp was 

used (ENF-240C/FE, Spectronics, New York). DNA substrates were irradiated to 1000 J/m2 

(unless stated otherwise) immediately before being used. The DNA solution was pipetted 

onto parafilm over a beaker of ice to prevent evaporation of the solution. DNA was irradiated 

at a concentration of 25 ng/µL to prevent excessive absorbance, permitting uniform damage 

throughout the solution. The lamp was then fixed at a distance above the substrate that was 

calibrated to induce a known amount of radiation to the sample in a time frame.  
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2.8 Confirming the presence of DNA damage 

To practically demonstrate the presence of damage in the UV irradiated substrates we used 

gel based assays. T4 endonuclease V (T4EV (NEB)) is a DNA glycosylase that recognises 

CPD lesions and nicks the DNA 5’ of the lesion. For plasmids, irradiation with UV induces 

CPD lesions that when nicked by T4EV cause loss of supercoiling, visible on an agarose gel. 

A high concentration of ethidium bromide (10 µg/mL) induces plasmid supercoiling, 

allowing differentiation of supercoiled and nicked (open circle) bands by molecular weight. 

For long, linear lambda DNA molecules this assay cannot be used. Instead, an assay using 

T4EV and S1 nuclease (Thermo Fisher scientific) was devised. S1 nuclease cuts at nicks in 

the DNA, causing double-strand DNA breaks. If CPDs are present, T4EV will nick the DNA 

5’ of the lesion, which S1 Nuclease will digest to cause a double-strand break. As CPDs 

occur randomly on DNA, the loss of the lambda band to a smear of DNA products is 

observed on a 1% agarose gel in the presence of both enzymes and UV damage. For the gels 

and more explanation see section 3.8.  

UV damaged DNA substrates were irradiated with 254 nm light to a final dose of 300 J/m
2
 

(pUC18) or 1000 J/m
2 

(lambda DNA), with 150 ng of DNA being used per reaction. 

Undamaged control substrates used the same mass of DNA without UV irradiation. T4EV 

reactions for both pUC18 and lambda DNA were carried out in T4 PDG buffer (NEB) with 

100 µg/ml BSA and 10 units of T4EV enzyme for 30 minutes at 37°C. S1 nuclease reactions 

were carried out in S1 nuclease buffer with 10 units of S1 enzyme for 15 minutes at 37°C. 

For reactions that were digested with T4EV, before S1 the volume of the reaction was 

increased 2-3 fold when diluting into S1 nuclease buffer, as S1 is sensitive to EDTA and high 

salt concentrations. All reactions that contained S1 (either alone or with T4EV) were heat 

inactivated at 70°C for 10 minutes and immediately loaded onto gels. Reactions with only 

T4EV cannot be heat inactivated but were kept on ice after the incubation period and then 

immediately loaded on a gel.  
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2.9 Helicase assay 

Helicase assays were performed by the Kisker lab using a fluorescence-based assay. A 

dabcyl fluorescence quencher and Cy3 fluorophore are in close proximity at the ends of a 

double-stranded, open fork substrate. As a helicase unwinds the substrate the quenching is 

relieved, giving an increase in fluorescence. The substrate is shown below, with the 

underlined section not base pairing to form the fork before the duplex DNA.  

5`AGCTACCATGCCTGCACGAATTAAGCAATTCGTAATCATGGTCATAGC-Cy3 3` 

3`GATGTCAAGCAGTCCTAAGGTTCGTTAAGCATTAGTACCAGTATCG-Dabcyl 5` 

Assays were carried out in 20 mM HEPES pH 7.5, 50 mM KCl, 5 mM MgCl2, and 1 mM 

TCEP. DNA was used at a concentration of 250 nM, with equimolar concentrations of XPD, 

N-p44, and/or p62. The mix of reagents, were preincubated at 37°C and the reaction was

subsequently started with the addition of 5 mM ATP. Kinetics were recorded with a Fluostar 

Optima plate reader (BMG Labtech). Fluorescence was detected at an excitation wavelength 

of 550 nm and an emission wavelength of 570 nm. Initial velocities were fit using the MARS 

software package and represent averages of at least three different reactions. 
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2.10 Flow cells 

A custom microfluidic flow chamber was used to create DNA tightropes. A standard glass 

slide (Thermo Fisher scientific) forms the base; two holes are then created using a diamond 

drill tip (Dremel). Cleaned (section 2.10) glass slides have two inlet tubes inserted into the 

holes, and pulled tight (figure 2.5). The inlet tubes are then glued to the slide using UV 

curable glue (NOA58, Thor labs). It is important that the tubes are tight and well-sealed to 

the glass to prevent leaking during tightrope preparation. Once set, a double-sided sticky 

tape gasket, cut using a printer (Explore air, Cricut) to 15 mm x 10 mm is placed over the 

slide, as shown in figure 2.5. The top layer is peeled off, leaving a 180 µm thick adhesive 

layer.  A coverslip (24 x 40 mm, #1.5 thickness) that has been silanised (described in section 

2.10) is placed onto, and firmly compressed against the adhesive using the back of a scalpel. 

This forms the basic flow cell used for all DNA tightrope experiments described in this 

thesis.  

N.b. The exact dimensions of the inlet tubing are important as they affect the flow rate; the

flow cell tubing has an inner diameter of 1.27 mm and a 0.82 mm wall (GE 0127-082). To 

connect a syringe pump to this, a 1.15 mm inner diameter tubing is used, with a 0.2 mm wall 

(GE-0115-020). 

Figure 2.5 Flow chamber construction. A microfluidic flow cell is constructed from a glass slide, gasket, 

and coverslip. Drilled holes in the glass slide allow tubing to be inserted and glued in place on the 

chamber to allow solutions to be introduced. Figure taken from Springall et al (283). 
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2.11 DNA tightropes 

DNA tightropes are a powerful single molecule technique that can be used to study 

DNA:protein interactions in real time. Individual DNA molecules are elevated above a 

surface, enabling fluorescence imaging of the focal plane with reduced background from the 

surface. The microfluidic chamber used to create DNA tightropes gives precise control of 

buffer conditions and sequential introduction of reagents. Before creating DNA tightropes, 

flow chambers are blocked to prevent non-specific surface binding of proteins, fluorophores, 

or other objects. Flow cells are incubated overnight in mPEG buffer (25 mg/ml mPEG5000 

(Sigma-Aldrich #10859) in 250 mM NaHCO3, pH 8.2). The mPEG is functionalised with N-

succinimidyl ester that bonds to the aminopropyl groups deposited by silanisation (described 

later). They are then washed with dH2O and incubated overnight in ABT buffer (10 mg/ml 

BSA, 0.1 % tween & 0.1% sodium azide). Before creating tightropes the flow cell is washed 

with dH2O. Silicon beads (5 µm (MicroSil Microspheres, Whitehouse Scientific)) are coated 

with 350 µg/ml poly-L-lysine (P5899, Sigma-Aldrich) to enable them to stick to the coated 

glass coverslip. However, to reduce aggregation of the beads, they are washed with dH2O to 

remove excess poly-L-lysine and recovered by centrifugation immediately before preparing 

tightropes. Beads are sonicated for ~ 1 second, in 3 separate bursts to disperse them and are 

injected into the flow chamber, taking care not to introduce any air. A peristaltic pump 

(AL1000-220, world precision instruments) is then attached via a syringe and tubing and 

used to control the movement of reagents through the flow chamber. Tubing is attached to 

the other side, and flowed through to an Eppendorf reservoir containing a drilled hole to 

introduce fluids (figure 2.6).  

It is imperative not to introduce any air at this stage, as it will disrupt the beads and prevent 

tightrope formation. DNA substrates are introduced into the reservoir and withdrawn into 

the flow chamber where a loop is set, flowing the DNA back and forth over the beads in the 

flow chamber to create DNA tightropes (figure 2.6). A constant flow rate of 300 µL/min is 

used at all steps in this protocol. For normal lambda DNA tightropes ~ 500 ng of DNA is 

used. After approximately 20 minutes, the loop is cancelled and buffer flowed through the 

flow chamber to wash out any excess DNA that has not formed DNA tightropes. The 

chamber is then ready for the introduction of proteins etc. An intercalating fluorescent DNA 

dye such as YOYO-1 (Invitrogen) can be used to show the presence of DNA tightropes, 

shown in figure 2.6.  
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After the experiment the tubing, flow cell chamber, and syringes are washed with 100% 

methanol and rinsed with dH2O before being used again. Flow chambers are recycled by 

shaking in acetone overnight to dissolve the sticky tape and plastic. The coverslip and inlet 

tubes are not recycled. The glass slides are cleaned using acetone, ethanol, and vigorous 

scrubbing. Once cleaned, the glass slides and new coverslips are silanised in 2% (3-

Aminopropyl) triethoxysilane (in acetone) for 10 minutes, and dried under a stream of 

nitrogen gas. Silanisation deposits aminopropyl groups on the glass surface that are then 

PEGylated by the mPEG5000 3-(Acetylthio) propionic acid N-succinimidyl ester solution. At 

this stage the coverslips and glass slides are ready to be made into flow chambers.  

2.12 UV damaged DNA tightropes 

For experiments with damaged tightropes, the procedure described in section 2.7 was applied 

to lambda DNA, immediately before being strung up to make tightropes. 

 

 

 

Figure 2.6 An assembled flow cell containing DNA tightropes.  
A) A diagram showing the setup of a peristaltic pump connected to a flow chamber and a reservoir on 

the other side. The DNA tightrope structures can be seen between immobilised silica beads on the 

coverslip surface.  
B) YOYO-1 stained DNA tightropes as viewed on the microscope system. Individual molecules of 

DNA can be seen between the beads.  

A B 



2.13 Single-stranded gap tightropes 

Single-stranded gap tightropes were created using oligonucleotides complementary to the 

cohesive ends of lambda DNA. Separately, 5 µg of lambda DNA is incubated with a 10 fold 

molar excess of oligonucleotide. The concentration of the lambda ends able to base pair with 

the oligonucleotides is 16 nM. Lambda and ‘ssDNA oligo 1’ or ‘ssDNA oligo 2 bio’ are 

incubated at 62°C for 5 minutes, and allowed to cool slowly to room temperature. The 

solution is made to 1 x T4 Ligase buffer, and 1 unit of T4 ligase is added. The reaction is 

incubated at room temperature overnight, and stored at 4°C in the morning. At this stage, 

lambda should be ligated to its complementary oligonucleotide at one end. Equal volumes 

of ‘ssDNA oligo 1: lambda’ and ‘ssDNA oligo 2 bio: lambda’ are then combined and heated 

to 62°C for 5 minutes. After slowly cooling to room temperature, 1 mM ATP, 1 unit of T4 

Ligase are added, along with PEG6000 (10% final concentration). This reaction is incubated 

at room temperature for 1 hour. The lambda molecules should now be linked together with 

a 38 nucleotide single-stranded patch separating the molecules (figure 2.7). NaCl is added 

to dissociate T4 ligase from the DNA, and prevent the DNA becoming entangled (Dr Nicola 

Don, appendix I). This substrate is then used to form DNA tightropes; due to the lower 

efficiency of ligations 0.5-1.5 µg of DNA is used per flow cell. The inclusion of a biotin tag 

on one oligonucleotide allows it to be labelled with a QDOT, enabling spatial localisation 

using a fluorescence microscope.  

ssDNA oligo 1; 

5’GGGCGGCGACCTGCGTGATCTTTGCCTTGCGACAGACTTCCTTGGCTGGGCG

GGCTGGC 3’ 

ssDNA oligo 2 bio;  

5’AGGTCGCCGCCCGCCAGCCCG (TEG-bio) 3’ 

Figure 2.7 The single-stranded lambda DNA substrate. Oligonucleotides (blue and green) 

complementary to the overhanging ends of lambda (black sequence) base pair. Ligating these 

oligonucleotides bridges the two lambda molecules together to create a 38 nucleotide single-stranded 

patch. The green oligo here contains a biotin that can be fluorescently labelled with a QDOT to allow 

visualisation and colocalization with proteins.  
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2.14 Nucleotides in the DNA tightrope assay 

Nucleotides (ATP, ADP, ATPγS (Adenosine 5′-[γ-thio]triphosphate)) were used at 1 mM 

final concentration. For experiments with Pi, 1 mM ADP with 50 mM Tris-HCl (pH 7.5), 10 

mM MgCl2, 10 mM DTT was supplemented with 19 mM sodium phosphate (freshly 

autoclaved to remove pyrophosphate) and the ionic strength balanced by the removal of 50 

mM KCl (284, 285).  

2.15 Protein labelling for imaging 

Purified UvrA-mScarlet contained a fluorescent protein and no further labelling was 

necessary for visualisation. XPD, p44/p62 and p62 or N-p44 alone were visualised using 

fluorescent QDOTs (286). XPD, N-p44, and p62 contained N-terminal hexa-histidine tags 

(as did full length p44 in the p44/p62 complex), aliquots of 1 µM protein were thawed in the 

hand rapidly before being placed on ice. An equimolar concentration of ‘primary’ Penta-His 

antibody (Mouse, ID 34660 QIAGEN) was added to the protein and incubated on ice for ~ 

30 minutes. The ‘secondary’ QDOTs ((F(ab')2-Goat anti-Mouse IgG (H+L) Secondary 

Antibody, ((Q11022MP 655 nm, Q11002MP 605 nm, or Q11032MP 565 nm) Thermo Fisher 

scientific)) was then incubated at three-fold higher concentration than the protein:primary 

solution for ~ 30 minutes on ice.  

When labelling the p44/p62 complex only when labelled at a high initial concentration did 

p44/p62 molecules show abundant binding to DNA. The p44/p62:primary antibody complex 

was labelled with a 1.5 molar excess of QDOTs (1.5 fold concentration of IgG). This lower 

excess of QDOTs was used as imaging single molecules was very challenging with high 

background fluorescence in solution, and on the flow cell surface. This means there is 

unlabelled p44/p62 in our assay. The final concentration of p44/p62 used was 5 nM labelled, 

15 nM total. An excess of QDOTs ensures only a single fluorophore is labelling each protein 

(287). Protein:primary:secondary were then diluted in imaging buffer ready for introduction 

into the flow chamber.  



62 

2.16 Single molecule fluorescence imaging 

Imaging was performed using a custom-built oblique angle fluorescence (OAF) microscope 

(288) capable of imaging multiple different colour fluorophores simultaneously. OAF uses

an inclined beam to penetrate deeper into solution than epi-illumination; increasing the 

signal/background ratio and enabling clear imaging of fluorescently labelled single 

molecules in the imaging plane. The microscope is built on an Olympus IX50 frame. For 

QDOT imaging, a continuous-wave 20 mW 488 nm DPSS laser (JDSU) was focused 

through a 100x 1.45 N.A. objective to achieve OAF at the sample. UvrA-mScarlet was 

excited using a 561 nm diode OBIS LS laser (Coherent, USA) optically combined with the 

488 nm laser (figure 2.8). Images were recorded onto an OrcaFlash 4.2 camera (Hamamatsu) 

using 1x1 binning at a frame rate of 10 frames per second (fps) unless stated otherwise. Pixel 

size was determined using a calibration slide (Graticules ltd, UK) as 63.2 nm.  

Camera 

Flow cell 

Objective 

Emission path 

E
x

ci
ta

ti
o
n
 p

at
h
 

4
8
8
 n

m
 

5
6
1
 n

m
 

Figure 2.8 Simplified fluorescence microscope 

setup. Two lasers, 488 and 561 nm are 

combined into an excitation path that is focused 

through an objective at an oblique angle through 

the flow cell. The light excites fluorophores on 

the DNA (red triangle) that emit light at a 

different wavelength, collected through the 

objective and into an emission path to a camera. 
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2.17 Data analysis 

2.17.1 Colocalizing multiple fluorophores  

To determine if two QDOT labelled objects colocalize, a fiducial marker is used to correlate 

spatial position between the slightly offset fluorescence channels. Fiducial markers were 

collected for every flow cell imaged that requires dual colour analysis; frequently consisting 

of a coverslip surface heavily decorated with QDOTs and unidentifiable contaminants (dust, 

particles etc) that fluoresce in every channel. Using these points of alignment a custom 

written ImageJ macro aligns the channels to make a composite image that can be judged as 

colocalizing or not by eye. Colocalizing diffusing molecules were easy to identify as their 

kymographs displayed the same trajectories. For static molecules the fiducial marker is 

important to ensure accurate spatial accuracy. To prevent bleed-through light affecting 

experiments, band pass filters were used on the 565 and 655 nm channels to reduce the risk 

of stray or bright light from another channel being counted as a different molecule.  

2.17.2 Kymographs 

To analyse the images, videos were transformed into kymographs using ImageJ (289). 

Videos were projected as a Z-stack by maximum intensity to identify the tightrope position 

between beads. A line was then copied from the Z-stack to the original video and a 

kymograph generated. A kymograph in the context of DNA tightropes is a transformation of 

the position along the DNA tightrope to the Y axis, through every frame (time) – the X axis 

(shown graphically in figure 2.9). The intensity value of fluorescence in each frame is 

plotted on the X vs Y coordinates. A 5 pixel rolling ball background subtraction was applied 

to kymographs to average the intensity of bright and dim binders; the contrast was increased 

for easier visualisation of binders. Any molecules that looked anomalous, aberrantly bright, 

touched the edge of the kymograph, or that stayed bound for longer than the video were 

excluded from analysis.  
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2.17.3 Data fitting 

All data were fit in Microsoft Excel using sum of square difference fitting with the statistics 

add in package and built in solver function. Additional analysis was performed in Sigma-

plot to determine fitting errors using the parameters from Excel fits. Equations were used 

based on previous studies. 

2.18 Single molecule imaging and analysis 

2.18.1 Data analysis for UvrA mScarlet 

For DNA tightrope experiments, UvrA-mScarlet was diluted to 2 nM final concentration in 

ABC buffer supplemented with the nucleotide of choice, and 10 mM fresh DTT. UvrA-

mScarlet was then imaged using a 561 nm laser between 1-5 mW power. Once a suitable 

tightrope was identified by visualising binders along a one-dimensional axis, the area was 

photobleached with 50 mW laser power for approximately 30 seconds. Photobleaching 

reduces the background signal from molecules attached to DNA and the surface. 

Immediately after photobleaching a video is collected, and therefore only capture ‘fresh’ 

binders from solution. This enables us to identify molecules that bind and release within one 

video. Videos were collected with a 300 ms exposure time for around 300 frames with 2x2 

binning to avoid over- or under sampling the camera.  

 

 

 

Figure 2.9 Kymograph transformation of protein binding. A diagram of DNA tightropes (black and 

green structures) with fluorescently labelled proteins (red) binding. The binding of the protein 

correlates to a streak in time (X) at a position (Y) in the video. The end result shows two proteins 

(streaks) binding and releasing at different positions on the DNA.  
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2.18.2 Lifetimes of individual UvrA molecules 

Videos were transformed into kymographs as described. The bright patches on the 

kymograph indicate proteins binding to, residing on, and then releasing from DNA. The 

streaks intensity is that of the fluorescently labelled UvrA, while the length of the streak is 

proportional to the lifetime of the molecule on DNA. By knowing the exposure time, and 

measuring the length of streaks, we are able to determine the lifetime of individual UvrA 

molecules on DNA. The occurrence of proteins releasing from DNA follows a Poisson 

distribution, as the events are independent of each other, occur randomly, and have a constant 

rate (109). A Poisson process can be described by an exponential fit. Lifetimes of individual 

molecules in each condition were collected and plotted as cumulative frequency graphs. 

Plotting data as cumulative frequency removes any bin size dependency seen in histogram 

distributions. Data were fit to a single or double exponential equation where the constant k 

is the detachment rate constant for the population of molecules.  

2.18.3 Single versus double exponentials 

The requirement for single versus double exponential fits was determined using several 

methods: 

• Residual plots show the difference between the experimental data and the fit 

described by the equation. A plot of the modelled data versus the experimental data 

shows how similar they are. The model that is closer to zero on the plot describes the 

data best.  

• As the attached lifetimes are exponentially distributed in normal space, taking the 

log of the Y axis (frequency) should linearise the data if a single exponent is involved. 

Any non-linearity suggests an additional component is required to fit the data.  

• An F-test compares the sum of squared differences between two models fitting the 

data. If a simpler model with fewer degrees of freedom, i.e. single exponential 

describes the data, the F-test ratio is around 1, as only the additional freedom 

parameters contribute to an increased sum of square differences. Conversely, if a 

more complex model, e.g. a double exponential describe the data, the F-test ratio will 

be significantly larger than 1, and suggests this model is correct. The F-test ratio is 

determined using the following equation: 
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F − test ratio =  
(𝑆𝑆1 − 𝑆𝑆2)/(𝐷𝐹1 − 𝐷𝐹2)

(𝑆𝑆2 𝐷𝐹⁄ 2)
 

Where SS1 and SS2 are the sum of square differences of the simpler and more complex 

model respectively. DF1 and DF2 are the degrees of freedom of both the simpler and more 

complex model respectively.  

 

2.18.4 Photobleaching experiments 

To determine if photobleaching of the fluorescent protein mScarlet affected our observed 

attached lifetimes we measured durations of attachment for the longest associating 

nucleotide condition, UvrA-ATPγS at different laser powers. Videos were collected with a 

300 ms exposure time for 90 seconds using 2x2 binning. 

2.19 Data analysis for N-p44, p62, p44/p62, and XPD 

2.19.1 Imaging conditions 

Proteins were diluted into imaging buffer prior to being introduced into the flow chamber. 

Imaging buffer was supplemented with 1 mM fresh TCEP. For experiments with ATP, 1 

mM final concentration was added to imaging buffer. For the salt experiments, the KCl 

concentration was altered by addition of a concentrated stock to the noted final 

concentration. Videos of N-p44, p62, p44/p62, XPD were obtained using the OAF system. 

The majority of videos were captured with 100 ms exposure (10 frames per second) for 

various time periods from 30 seconds to 5 minutes. Videos of up to 30 minutes were 

collected using 1 second exposures. Videos were transformed into kymographs as described 

previously. Diffusing molecules were clear from the kymographs, but an arbitrary rule of 

determining diffusers is used in our lab; proteins must move 3 pixels over three consecutive 

frames to be determined as diffusing (108, 113) 

2.19.2 Rotation-coupled diffusion 

The method and equations used to determine the diffusion limit of a protein tracking the 

helical backbone of DNA are described during chapter 4, and are derived from Schurr 1979 

(269). 
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2.19.3 Diffusion constant  

Diffusion constants of p44/p62 were determined using mean-squared displacement analysis 

(MSD) (109). Protein diffusion on DNA is modelled using a random walk. On DNA 

tightropes if a protein binds at position x = 0 and takes 10 random direction ‘steps’ of 1 base 

pair forwards (towards +x) or backwards (towards –x), the average position of the protein is 

zero; as the probability of moving in either direction is equal from every position. Therefore, 

a better measure of diffusion is how far the protein moves from the start point over time, 

described by the mean-squared displacement. Squared numbers are always positive, 

eliminating negative values that average to zero movement. As the number of steps increases 

(proportional to time (t)), the displacement of a molecule increases with the square-root of 

time. These observations lead to the MSD equation, where MSD is related to the diffusion 

coefficient, D, that describes the motion of the protein in one-dimension, and a time 

component:  

MSD = 2Dtα 

Diffusion can be obstructed by physical or chemical barriers, therefore a diffusive exponent 

(α) is added to the equation to describe diffusion (290). A diffusive exponent of 1 shows 

unobstructed random walking, whereas α <1 suggests obstructed diffusion, and α >1 shows 

directed motion. 

 

Kymographs showing diffusion were isolated and fit to a Gaussian distribution, super-

resolving molecule position through time. Each frame position of every molecule was 

filtered for an R2 value of > 0.7. Using a custom-written macro the average displacement per 

frame was plotted against time for incremental time windows. The diffusion constant can be 

determined from the MSD equation (above). Diffusion constants are distributed normally in 

logarithmic space, so taking the log of this equation gives Log(MSD) = Log(2D) + α Log(t) 

which fits to a straight line. Plotting MSD vs time gives a straight line where the gradient = 

2D (figure 2.10). The entire MSD cannot be fit as eventually the plot deviates from linearity 

(109, 113). In the analysis here at least the first 10% of the data are fit. The number of data 

to include was determined using R2 values of fits, R2 values < 0.7 were discarded. To obtain 

the diffusive exponent, α, Log(MSD) vs Log(time) is plotted where the gradient of a linear 

fit gives α (figure 2.10). This value describes the diffusive behaviour of a molecule (109, 

113, 290). Around 30 individual kymographs were analysed for D and α. A plot of diffusion 

constants versus α shows a normal distribution of the values, and allows identification of 
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any sub-populations that may require further fitting. The diffusion constants and errors were 

averaged in log space and propagated to normal space. Average α values and S.E.M were 

determined in linear space.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.10 Diffusion constant and alpha plots. 

A) MSD vs time where the gradient of the linear fit (black) is 2D. The R2 value must be above 0.7 and at 

least 10% of the data included for analysis.  

B) Taking the data in the left window and plotting the logs (Log MSD vs Log time). The gradient of a 

linear fit gives the α value.  

A B 
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Introduction 

3.1 The role of ATP in NER 

Almost every step of the prokaryotic NER pathway requires nucleotide binding or hydrolysis 

in order to successfully repair DNA (78, 98, 291). While the current model of NER shows 

these steps are dependent on nucleotide, the exact mechanism behind each process is still 

largely unknown. 

3.2 Structure and function of UvrA 

UvrA binds to DNA as a homodimer that occurs through head to head interactions in the N-

terminal domain (figure 3.1) (292), dimerization is crucial for UvrA to bind DNA, and is 

heavily dependent on the nucleotide state of UvrA as well as the concentration of protein 

(101, 102, 106, 292, 293). UvrA then attaches to double-stranded DNA with a dissociation 

constant of ~ 10 nM (293). As discussed previously, UvrB and UvrC alone have no 

significant affinity for DNA damage (96, 97) whereas UvrA has a high affinity for both UV-

irradiated DNA and single-stranded DNA (97, 106, 112, 281). Sequence analysis of the uvrA 

gene product showed two ‘Walker A’ motif ATP binding cassette ATPase sites in each UvrA 

monomer, termed the N-terminal (residues 31-45) and C-terminal (residues 640-654) site 

respective to the amino acid sequence (294-296). These sites and surrounding regions are 

structurally similar, and are thought to have arisen from gene duplication (295). In the three-

dimensional structure of dimeric UvrA, the N-terminal ATPase domain of one UvrA is in 

close proximity with the C-terminal ATPase site. Furthermore, all four sites in the dimer are 

positioned beneath the DNA binding interface that runs across the surface of the protein 

(figure 3.1) (281, 297). Each of the two ATPase motifs is interrupted by a zinc finger ((two 

in the N-terminal, one in the C-terminal) figure 3.1 & figure 3.2) that sits in close proximity 

to the DNA (295). Previously, the zinc fingers of UvrA have been implicated in damage 

discrimination and DNA binding (298-300). Each zinc finger in UvrA is coordinated by four 

cysteine residues (298) and it is known that mutations in the N-terminal zinc fingers do not 

affect NER (100, 299, 300). However, disruption of the C-terminal zinc finger compromises 

bacterial survival when challenged with UV and leads to insoluble protein being produced 

(295, 299).  
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Crystal structures of UvrA bound to ADP (PDB:2R6F), or nucleotide free (PDB:3PIH) are 

relatively similar; however the C-terminal zinc finger shows a drastic displacement between 

these structures (281). In figure 3.2 the C-terminal zinc finger is located away from the 

DNA, however in an ADP bound structure (297) the zinc finger is superimposed to clash 

with the DNA. Mutating the C-terminal zinc finger leads to a loss of specificity for DNA 

damage, but an increased affinity for DNA damage, most likely related to a conformational 

change in the protein during damage verification process (281, 300, 301). This was further 

supported by a recent study that utilised crosslinking of UvrA in the presence of different 

nucleotides and DNA substrates to look at zinc finger movement (discussed in section 3.3) 

(302). 

Figure 3.1 The crystal structure of UvrA. One monomer of the homodimer in yellow, one in magenta. DNA 

(green) can be seen bound across the centre of the dimeric protein, with the ATPase site residues (teal spheres, 

labelled) located beneath the DNA. Zinc atoms are shown as black spheres and indicate the position of the 

zinc fingers in UvrA. Structure generated in PyMol using PDB:3PIH (281). 
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Figure 3.2 Zinc finger positioning between structures. Using the Uniprot gene sequence for the Thermatoga 

maritima sequence (Q9WYV0), two crystal structures of UvrA are colour coded by domain to show movement 

between A) 3PIH from Thermatoga maritima that contains no nucleotide, but is bound to double-stranded 

DNA containing a fluorescein lesion that acts as damage for NER (281) and B) 2R6F from Bacillus 

stearothermophilus that is bound to ADP (shown as spheres that are bound in all four ATPase sites) and not 

DNA (297). There is a clear difference in the position of the C-terminal zinc finger (contained in signature 

domain II (teal)) between 3PIH where the zinc finger supports the bound DNA, and 2R6F where the zinc 

finger clashes with the position of DNA, suggesting the ADP bound state is unable to bind DNA.  Figure 

created in PyMol. 
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3.3 Conflicting evidence on UvrA’s ATP hydrolysis 

3.3.1 Mutating each ATPase site affects the other, and UvrA’s function 

The ATPase of UvrA has a huge impact on the efficiency of NER both in vivo and in vitro 

(99, 120, 293). Numerous studies have shown that binding or hydrolysis of nucleotide affects 

UvrA’s ability to bind DNA (90, 101, 102, 106, 291). It is generally agreed that both ATPase 

sites in a UvrA monomer are cooperative (120, 292, 293, 297), but their ability to function 

independently is disputed. The N-terminal and C-terminal ATPase domains of UvrA have 

been isolated and purified, with both showing ATPase activity, but when recombined they 

have a reduced Vmax compared to wild-type UvrA, highlighting this cooperativity (292).  

 

Myles and Sancar first showed that mutating the catalytic lysine residue in each Walker A 

site inhibits ATP hydrolysis (293). Since then, many publications have been based on these 

mutations (99, 119, 120, 302, 303), despite evidence that mutating the C-terminal ATPase 

site causes protein precipitation and inclusion body formation in cells (293). Clearly this 

mutation disrupts protein structure, however, in vitro catalytic rate constants have been 

determined (99), and both ATPase UvrA mutants have been imaged in vivo (119). 

Furthermore, mutating the N-terminal ATPase domain destroys cooperativity between the 

two sites (292, 293), supported by Wagner et al where they observed a complete loss of all 

ATPase activity upon mutating either site (120). Both K37A (N-terminal) and K646A (C-

terminal) mutants display UV sensitivity when complementing wild-type UvrA in vivo, and 

are defective in repair in vitro (99, 119, 120, 293). Furthermore, it is unclear how both 

mutants fold or affect protein dimerization and the zinc fingers that are associated with 

UvrA’s ATPase and are critical for DNA repair (100, 297) 
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3.3.2 K37A (N-terminal ATPase site, proximal site) 

Studies using the K37A mutant attempted to reconcile UvrA’s activities with the active C-

terminal ATPase site. K37A mutants have been shown to either abolish all of UvrA’s 

ATPase activity (120, 303), or retain ATPase activity (293), even when digested into just 

the C-terminal domain (292). Although hydrolysis in the N-terminal ATPase site was 

abolished by the K37A mutant, this site possibly still bound either ATP or ADP (303). 

Hydrolysis in the C-terminal ATPase site is critical for full activity of UvrA (120, 293), with 

this site having a higher affinity for ATP than the N-terminal ATPase site (292, 303), which 

is thought to be responsible for UvrA releasing from undamaged DNA (99) as well as being 

important for protein dimerization (106, 119, 292, 293). UvrA appeared to be relatively 

unaffected by K37A when compared to the K646A mutant, with K37A mutants 

demonstrating similar purification and UV survival to wild-type UvrA (293). Although this 

mutant demonstrated similar UV survival to wild-type UvrA, in vitro complementation of 

incision was poor in the hands of Myles and Sancar (293). Conversely, Wagner et al found 

K37A supported incision on short DNA substrates, but was inhibited on longer DNA 

substrates (120) this can be speculated to be caused by inhibition of UvrA’s ability to release 

and then rebind DNA. However, K37A has been shown to release from DNA, but is unable 

to discriminate damaged DNA (99), suggesting that it is not binding and releasing, but 

increased competition from undamaged DNA that explains this observation. Inconsistent 

with these data, in vivo studies showed K37A increases the number of immobile UvrA 

molecules bound to DNA compared to wild-type UvrA (suggesting impaired release), they 

also showed K37A can discriminate UV damage, further increasing the immobile fraction 

of protein and directly disagreeing with Thaligalingam and Grossman (99, 119). 

3.3.3 K646A (C-terminal ATPase site, distal site) 

Similar to the N-terminal ATPase site, the activities of the C-terminal ATPase site are 

disputed, with conflicting evidence complicating interpretation of the data. The main 

discrepancy with data concerning the mutation of the C-terminal ATPase site are reports of 

insoluble protein, aggregation, and inclusion body formation (120, 293), however not all 

studies note difficulties with this mutant (99, 119). In addition to the clear perturbation of 

normal protein folding, K646A does not complement UV survival in vitro or in vivo (293). 

Furthermore, kcat values show K646A mutants have no overall ATPase (303), but some 

reports dispute this and show K646A has ~33% of wild-type UvrA ATPase activity, and 
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maintains cooperativity between the ATPase sites (99, 293). The N-terminal ATPase site is 

thought to have a high affinity for ADP, after being observed co-purifying with nucleotide 

(120, 292). Conversely, K646A leaves the protein with no affinity for ATP or ADP, showing 

that the C-terminal site has the higher affinity for nucleotide (303). Experimentally, K646A 

loses the ability to discriminate DNA damage, instead forming a long-lived stable complex 

on DNA that does not release (99, 119). In addition to this, a fast diffusing species is also 

observed with this mutant, ascribed to a reduction in DNA binding caused by reduced 

dimerization (119). Together these data suggest the N-terminal ATPase site is linked with 

damage recognition, but does not possess the ability to dissociate from DNA. In addition, 

the N-terminal site is required for loading UvrB onto the DNA, in a process that requires 

nucleotide hydrolysis at the N-terminal site, but while nucleotide is bound to the C-terminal 

ATPase site (119). A dual mutant of both catalytic lysine residues has no ATPase activity 

and demonstrates the highest DNA binding, as it is unable to release from DNA (99, 293). 

3.3.4 Alteration of UvrA’s ATPase upon addition of DNA  

A peculiar observation in these studies is the various responses of UvrA’s ATPase upon the 

addition of DNA. Some groups report a drop in ATPase activity upon addition of undamaged 

or UV damaged DNA (99, 120). However, there are reports of ATP turnover being 

accelerated by the addition of DNA, but no further stimulation in the presence of damage 

(97, 102). Furthermore, a recent study using thermophilic UvrA observed DNA stimulated 

ATPase activity, and further acceleration upon the addition of UV damaged DNA (303). The 

discrepancies between these data are unclear, but are most likely caused by differences in 

protein quality and organism, assays, and analysis.  
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3.3.5 Source of conflicts within these studies 

The evidence described here clearly shows direct conflicts between studies where the same 

gene product is purified in a similar manner, sometimes in identical assays. However, it is 

apparent that experimental differences, temperature, contaminating ATPases, and the quality 

of purified protein are all potential sources of error. There are also differences between the 

damage used; cholesterol, fluorescein, psoralen, and CPDs have all been used in these 

assays, and could affect UvrA’s ATPase differently. Clearly, the K646A mutant disrupts 

UvrA’s structure, leading to aggregation and inclusion body formation in E. coli, therefore 

experimental evidence from this mutant must be treated with care. In addition, disruption of 

the cooperativity between the two ATPase sites has an unknown effect on the protein and its 

activity. Some groups work with E. coli UvrA, whereas others use thermophilic organisms 

for the protein stability. However, these different gene products require significantly 

different temperatures for optimal activity, and this will clearly influence rate constants and 

assay. The approach taken to study the individual ATPase domains of UvrA carries with it 

some concerns. For example, Myles and Sancar cleave UvrA into the N- and C-terminal 

domains with a collagenase site in the middle of the protein, although they observe ATPase 

activity in both purified domains, the additional effects upon UvrA are likely significant 

(292). Likewise, the ATPase is known to be linked with movement of the zinc fingers (302) 

that regulate DNA binding and damage discrimination, and therefore a specific observation 

is not necessarily linked to the ATPase site, but could be affecting the ability of UvrA to 

interact with DNA.  

3.3.6 Two-site hypothesis  

A recent study used crosslinking to determine the structural conformation of UvrA (302). 

When in a closed conformation a higher percent of UvrA was crosslinked, whereas if UvrA 

was mostly in an open conformation the protein is less efficiently crosslinked. They found 

that wild-type UvrA is efficiently crosslinked in the presence of DNA and ATP, where it 

forms a closed conformation on the DNA. When they mutated the N-terminal ATPase site 

they found crosslinking was enhanced, suggesting that this conformation is closed more 

often on the DNA. Conversely when they mutated the C-terminal ATPase site they found 

there was less crosslinking, suggesting the protein is locked in an open conformation – they 

then relate this to the fact that the zinc fingers in the protein are unable to move when this 

ATPase site is mutated (302). This study relates the direct effect of the ATPase site mutants 
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on the zinc fingers, and conformational state of UvrA when bound to DNA, reconciling some 

of the observations described here. A model proposed by Myles and Sancar (293) and more 

recently built on (119, 120) suggest a two-step mechanism for damage searching and 

recruiting UvrB to DNA. This hypothesis suggests that the N-terminal and C-terminal 

ATPase sites turnover and have separate activities within UvrA, but are cooperative (293). 

An in vivo study using K37A and K646 investigated the two-site hypothesis and suggested 

that the C-terminal ATPase site is involved in binding and releasing from DNA while the N-

terminal ATPase site is necessary for recruiting UvrB onto the DNA from solution (119). 

The perpetual use of both K37A and K646A mutants to understand UvrA’s ATPase is not 

fully justified. Although some studies using these mutants are important for discerning the 

need for binding, or hydrolysis of nucleotide in certain activities, the conflicting outcomes 

complicate accurate interpretation. Therefore, the role of ATP in UvrA’s activities has not 

yet been clearly defined. Questions still remain as to how other nucleotide cofactors affect 

UvrA’s behaviour, the mechanism of how nucleotides affects both damage discrimination 

and dimerization, and what this all means for the whole mechanism of NER in E. coli.  

 

3.4 Using single molecule and biochemical techniques to examine UvrA’s ATPase 

In this chapter we avoid the study of K37A and K646A mutants and instead use fully 

functional wild-type E. coli UvrA labelled with a monomeric scarlet fluorescent protein 

(280). We investigate how UvrA’s ATPase activity is controlled and how it contributes to 

DNA repair. Using a combination of biochemical and single molecule techniques the effect 

of different nucleotide cofactors and DNA substrates are examined for their impact on 

UvrA’s ATPase.  
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Results 

3.5 UvrA-mScarlet complements UvrA knockout cells in vivo 

It has previously been shown that cells lacking UvrA are sensitive to UV irradiation, but 

ectopic expression rescues their UV sensitivity (293). To investigate whether UvrA-

mScarlet is active in DNA repair, and can complement UvrAWT knockout cells (ΔUvrA), in 

vivo UV complementation assays were performed. ΔUvrA cells were transformed with 

UvrA-mScarlet, or mScarlet vector with the UvrA gene removed (kindly provided by Dr 

Alex Moores). Transformed cells were subjected to 5 J/m2 UV (254 nm) irradiation or no 

UV and plated. Plates were incubated overnight in the dark to prevent photolyase repair 

interfering with the experiment. Images of the plates are shown in figure 3.3. As expected, 

ΔUvrA cells and ΔUvrA cells transformed with empty mScarlet vector demonstrated 

diminished survival when challenged with UV irradiation. ΔUvrA cells transformed with 

UvrA-mScarlet fully rescued UV survival, suggesting that UvrA-mScarlet is active in DNA 

repair in vivo.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.3 UvrA-mScarlet complements UvrA knockout cells. Serial dilutions of wild type UvrA knockout 

cells (ΔUvrA), ΔUvrA cells transformed with UvrA-mScarlet (ΔUvrA + UvrA-mSc), or empty mScarlet 

vector without UvrA (ΔUvrA + vector). In the absence of UV irradiation there is no inhibition of growth 

after overnight incubation. When the plate is subjected to 5 J/m2 irradiation there is inhibition of growth in 

ΔUvrA and ΔUvrA + vector cells, but not in the ΔUvrA cells transformed with UvrA-mScarlet. UD = 

Undiluted solution of 50 uL 0.6 OD600 cells, with serial dilutions of this shown. 
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3.6 Purified UvrA has a DNA-stimulated ATPase 

Each of UvrA’s two Walker motif ATPase sites has been linked with specific activities. A 

particularly intriguing result reported a 50% reduction in UvrA’s ATPase activity upon the 

addition of undamaged DNA, however there was no increase in ATPase in the presence of 

damaged DNA. That is, DNA damage does not affect the ATPase of UvrA alone, but 

undamaged DNA reduces the ATPase rate by 50% (120). In order to try and understand 

these results, the steady state ATPase of purified UvrA-mScarlet was measured using a 

NADH-linked assay to calculate kcat per UvrA monomer (See section 2.5).  

 

The addition of plasmid DNA (pUC18) to UvrA stimulated the ATPase activity from a kcat 

of 0.71 ± 0.05 ATP·UvrA-1 s-1 in the absence of DNA to 1.08 ± 0.09 ATP·UvrA-1 s-1 (P 

<0.0001). Surprisingly, this is the opposite of the reduction in ATPase activity seen in 

Wagner et al (120), despite the use of the same DNA substrate. To investigate if the plasmid 

substrate was the problem, several different substrates were examined. A short 50 bp double-

stranded DNA oligo (F26,50) and the lambda phage genome were substituted in the same 

assay, both demonstrated identical stimulation of UvrA’s ATPase (figure 3.4). Combined 

averages for the three DNA substrates show the steady state ATPase kcat increases 

significantly (P<0.0001) from 0.71 ± 0.05 ATP·UvrA-1 s-1 to 1.07 ± 0.08 ATP·UvrA-1 s-1 

upon addition of DNA (figure 3.5). The faster ATP turnover in the presence of DNA 

suggests a step in UvrA’s kinetic cycle is accelerated upon binding DNA.  

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.4 Steady state ATPase of UvrA on various undamaged DNA substrates. Data show k
cat 

value per 

UvrA monomer, per second in the absence of DNA (white) or after DNA is added (black) measured using 

a NADH-linked assay. The data show UvrA has a DNA-stimulated ATPase, but there is no difference 

between plasmids, short oligonucleotides and lambda DNA in the enhancement of UvrA’s ATPase. Error 

bars show the standard deviation of three repeats.  
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3.7 DNA damage does not further stimulate UvrA’s ATPase 

To study the effect of DNA damage on UvrA’s ATPase the NADH-linked ATPase assay 

was repeated in the presence of various damaged DNA substrates. Both pUC18 and lambda 

DNA were irradiated with 1000 J/m2 of 254 nm UV light, randomly introducing CPDs and 

6-4PP’s into the DNA (estimated that CPDs form ~ 7 fold more than 6-4PP’s at this 

wavelength (304)). Undamaged F26,50 was replaced with a 50 bp double-stranded 

oligonucleotide containing a fluorescein labelled thymine at the 26th nucleotide, a substrate 

previously shown to be a target for NER (137). All three substrates stimulated UvrA’s 

ATPase activity compared to the absence of DNA (figure 3.5). F26,50 (1.06 ± 0.142 

ATP·UvrA-1 s-1), UV damaged pUC18 (1.13 ± 0.05 ATP·UvrA-1 s-1) and lambda phage 

DNA (1.03 ± 0.12 ATP·UvrA-1 s-1) compared to UvrA & ATP alone (0.71 ± 0.05 

ATP·UvrA-1 s-1 (P <0.0001)). However, no damaged substrate increased the ATPase activity 

significantly more than its undamaged equivalent (P = 0.9594 for combined data) (figure 

3.5). Both linear and plasmid substrates stimulated the ATPase of UvrA equally, indicating 

the DNA ends play no part in the observed activation. 
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Figure 3.5 DNA damage does not further accelerate UvrA’s ATPase. 

A) k
cat 

values for UvrA monomers on undamaged (grey stripes) or damaged DNA substrates (solid grey) 

measured using a NADH-linked assay. There is no difference between the acceleration of UvrA’s ATPase 

between undamaged or damaged DNA. Additionally there is no difference in the stimulation  between a 

plasmid, short oligo, or lambda DNA substrate. Error bars show the standard deviation of three repeats.  

 

B) Average values for the stimulation of UvrA’s ATPase upon addition of undamaged DNA (white to 

grey stripes) or damaged DNA (white to solid grey). These data show DNA stimulates UvrA’s ATPase, 

but DNA damage does not further increase ATPase activity.  *P = 0.0001, n.s = not significant (P = 

0.9594) using a Student t-test. Error bars represent the standard deviation between pooled data.  
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3.8 DNA damage is present in the steady state ATPase assay  

The lack of further stimulation of UvrA’s ATPase by damaged substrates is surprising 

considering UvrA’s role as a damage sensor in NER. To ensure DNA damage was present 

in our assays we employed gel based assays. Using a DNA glycosylase that recognises CPD 

lesions and nicks the DNA 5’ of the lesion (T4 endonuclease V (T4EV)), it is possible to 

confirm the presence of UV lesions on DNA substrates. For plasmids, irradiation with 254 

nm UV induces CPD lesions. When lesions are nicked by T4EV there is a loss of plasmid 

supercoiling, visible on an agarose gel when run with a high concentration of ethidium 

bromide (figure 3.6).  

 

 

 

 

 

 

 

 

 

 

  

 

 

 

 

 

 

 

 

Figure 3.6 T4 EndoV incision assay 

To demonstrate damage is present in the ATPase assay, pUC18 plasmid (2686 bp) was irradiated to 300 

J/m
2
 at 254 nm. To confirm the presence of CPD lesions, UV irradiated (lane 4) or undamaged pUC18 (lane 

3) was digested with T4 EndoV and run on a 1% agarose gel in TAE. A high concentration of ethidium 

bromide (10 µg/ml) was used to induce plasmid supercoiling (SC (305)). T4 EndoV nicks at CPD lesion 

sites, causing a loss of plasmid supercoiling to open circle (OC (lane 4)). A clear loss of plasmid supercoiling 

is seen upon UV irradiation of pUC18 (lane 4) but not in the control (lane 3) showing that CPDs are present 

in the DNA at this level of irradiation.  
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Lambda DNA is linear so cannot be assayed in the same way. To overcome this, an assay 

that uses T4EV and a single-stranded nuclease (S1 Nuclease) that cuts at DNA nicks was 

devised. UV damaged lambda DNA was incubated with either S1 nuclease alone, or T4EV 

and S1 nuclease and run on an agarose gel (figure 3.7). If CPDs are present, T4EV will nick 

the DNA 5’ of the lesion, which S1 Nuclease will then digest to cause a double-strand DNA 

break. As CPDs are randomly distributed on DNA, the single band on a gel will be lost, 

creating a smear of products in the lane (figure 3.7, lane 7). This assay also shows there are 

some nicks in native lambda DNA. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.7 T4 EndoV and S1 nuclease assay in lambda DNA. Undigested lambda DNA runs as a high 

molecular weight product in an agarose gel. UV irradiation generated CPD lesions in the DNA at random 

locations, these are able to be cleaved by T4 EndoV to cause single-stranded nicks. S1 nuclease is able to 

cut at a single-stranded nick to generate a double-strand break. When UV irradiated lambda is cut with 

either T4 EndoV (lane 5) or S1 nuclease (lane 6) alone there is only slight smearing, showing UV irradiation 

is causing some nicks and breaks in the DNA. There is very little damage in lambda without irradiation 

(lanes 1, 3, 4, 8), or in the absence of either enzyme (lane 2). When T4 EndoV and S1 nuclease are incubated 

with UV damaged DNA there is a large increase in DNA smearing, demonstrating presence of CPD lesions 

in the irradiated DNA, when compared to the absence of UV damage (lane 7 vs lane 8).  
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These assays confirmed the presence of UV damage in the substrates used for the ATPase 

assay. We then estimated the number of damage sites per DNA molecule using previously 

published methods. The number of CPD lesions on a substrate was calculated using a 

formula of 0.0221 CPDs/kb/Jm2 at 254 nm (306). The mass of DNA in the ATPase assays 

was kept constant at 50 ng, meaning both lambda and pUC18 have the same ratio of 

undamaged and damaged base pairs. F26,50 contains a fluorescein attached to the 26th base, 

giving one damage site per 50 bp oligonucleotide. When lambda and pUC18 were UV 

irradiated to 1000 J/m2 it is predicted lambda DNA (48,502 bp) contains ~1000 CPDs per 

molecule while pUC18 (2686 bp) contains ~60 CPDs per molecule (306). In the ATPase 

experiments the concentration of damage in the reaction is approximately equal to the 

concentration of UvrA, and is unlikely to be saturated by UvrA.  

 

 

 

 

 

 

 

 

 

 

 

 

Table 3.1 Concentrations of DNA damage in the steady state ATPase assay. For each substrate, a fixed 

mass of DNA was used per reaction, equating to the same number of base pairs. The number of CPDs per 

molecule was calculated using the method of Douki et al (306). F26,50 contains a single fluorescein 

modified thymine in the centre of the oligonucleotide and is not subject to the random location of damage 

induced by UV irradiation. 
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3.9 Damage discrimination is marked by a change in affinity for ATP 

To ensure purified UvrA-mScarlet is able to discriminate damage we measured UvrA’s 

affinity for ATP in the presence of either undamaged or UV damaged pUC18 DNA. Using 

the NADH-linked assay, ATP was titrated from 50 µM to 2 mM and the ATPase rate 

measured at each concentration. Plotting these data and fitting them to a Michaelis-Menten 

relationship gives the maximum velocity of ATP hydrolysis (Vmax (kcat)) and KM, the 

affinity of UvrA for ATP. Figure 3.8 shows a clear decrease in UvrA’s KM for ATP from 

195 µM in the presence of undamaged DNA to 60 µM with damaged DNA; however, kcat 

remained unchanged at ~1.4 s-1. The increase in affinity for ATP is approximately three-

fold, and suggests that UvrA is able to discriminate DNA damage, and this is linked with a 

change in affinity for ATP. However, we observe no difference in the steady state ATPase 

between undamaged and damaged DNA.  
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Figure 3.8 Michaelis-Menten plot of UvrA’s affinity for ATP. ATP was titrated in the presence 

of UvrA with either undamaged (black triangles) or UV damaged pUC18 DNA (grey squares). 

Fitting the data to the Michaelis-Menten relationship (dashed and solid lines) gives a maximum 

velocity (kcat) and an affinity of UvrA for ATP (KM) in each condition. The parameters from 

each fit are shown in the table.  In the presence of damage the KM is decreased 3-fold compared 

with undamaged DNA, but kcat is unchanged between conditions. Data are averages of 3 repeats 

plotted with standard deviation as error bars. 
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3.10 Single molecule imaging shows individual UvrA molecules binding to DNA 

As we know UvrA’s ATPase is accelerated by the presence of DNA, but not affected by the 

presence of damage we wanted to directly visualise UvrA’s attachment to DNA. Using the 

in vitro DNA tightrope assay we investigated how UvrA’s interaction with DNA is affected 

by the presence of ATP or UV damage. As we know the rate limiting step of ATP hydrolysis 

occurs on DNA, different nucleotides can substituted in the tightrope assay to attempt to 

recreate various kinetic states that cannot be done in the NADH-linked biochemical assay. 

The in vitro DNA tightrope assay is described in section 2.10 of this thesis, as well as 

extensively in Springall et al (283). Briefly, individual lambda DNA molecules are elongated 

and captured over silica beads immobilised in a microfluidic chamber. The UvrA construct 

used here contains a C-terminal mScarlet fluorescent protein that can be excited by a 561 

nm laser, enabling spatial location of individual UvrA molecules on DNA, shown in figure 

3.9.  

 

 

 

 

 

 

Figure 3.9 UvrA molecules bound to DNA tightropes. A) A Z-stack of frames combined show the 

position of multiple UvrA binders on DNA tightropes in a single image. B) A schematic of DNA 

tightropes formed between beads on a coverslip to highlight the likely position of the DNA seen in A).  
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3.11 UvrA uses a three-dimensional search on DNA  

Videos of individual UvrA molecules binding to DNA were collected and transformed into 

kymographs (See section 2.16). It was apparent from the kymographs that UvrA molecules 

were binding and releasing from the DNA at random locations. Binding and releasing 

behaviour, displayed as horizontal streaks on a kymograph (figure 3.10) show that UvrA 

uses a three-dimensional search to find DNA damage. This is consistent with studies using 

thermophilic UvrA (109) and in vivo observations (119). In this mechanism, UvrA binds to 

DNA, remains bound for a period (attached lifetime) and then detaches from DNA back into 

solution. This is distinct from a one-dimensional search whereby proteins slide along the 

DNA to find their target; this would appear as vertical movement of a streak on the position 

axis over time. In vivo it is expected that proteins use a combination of three-dimensional 

searching and one-dimensional sliding to find their target on DNA (discussed in section 1.8), 

although we did observe a small number of UvrA molecules displaying vertical movement 

in kymographs, this occurred at a very low frequency and was not pursued further. This 

behaviour is consistent with UvrA potentially sliding on DNA in vivo, but likely occurs 

faster, or on a smaller scale than the resolution of these experiments.  
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Figure 3.10 Kymograph of UvrA binding and releasing from DNA. A kymograph is a transformation of a 

video into position (Y) over time (X). Streaks on the Y axis show molecules binding along a position on 

DNA. Movement in the Y axis indicates diffusion along DNA. Streaks in this kymograph start and end at 

a single position and occur randomly across the DNA tightrope, showing UvrA uses a random three-

dimensional search on DNA where UvrA binds, remains statically bound for a lifetime (length of streak) 

and then release back into solution.  
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3.12 UvrA’s lifetime on DNA is affected by UV damage 

The attached lifetime of individual proteins interacting with DNA can be determined by 

measuring the streak length and then converted into time by multiplying by the exposure 

time. Proteins releasing from DNA are independent from each other, i.e. one protein 

releasing does not affect another protein releasing, and the rate of occurrence is constant. 

These are criteria for a Poisson probability distribution, commonly used for modelling 

stochastic processes (109). In order to obtain the rate constant of UvrA’s release from DNA, 

individual protein lifetimes were plotted as cumulative frequency diagrams and fit with 

exponentials (see section 2.17), appropriate for this stochastic Poisson process. The 

biochemically measured steady state ATPase had a kcat of 1.07 ATP·UvrA-1 s-1. In the single 

molecule tightrope assay, the detachment rate constant of UvrA on undamaged DNA is 1.24 

± 0.038 s-1 (figure 3.11A, C). These values are very similar and suggest UvrA’s attachment 

to DNA is governed by ATP. The single molecule data fit better to a double exponential, 

suggesting two populations of UvrA are attached to the DNA. The necessity of a double 

exponential was determined using an F-test (F-test = 204, see section 2.17), and supported 

by the exponential residuals plot (figure 3.11B) and the non-linearity of the data on a log(Y) 

axis (not shown). However, the detachment rate constant k1 has an amplitude of 94%, 

representing the vast majority of proteins detaching from undamaged DNA, with k2 

representing just 6%, most likely as a result of non-specific DNA damage occurring on DNA 

as shown in the gel assays.  

 

An advantage of the DNA tightrope assay is the flexibility to string up different DNA 

substrates to investigate the effect on protein behaviour. As there is no change in the 

biochemically measured steady-state ATPase in the presence of UV damage, we recreated 

this substrate at the single molecule level. To do this, lambda DNA was UV irradiated with 

1000 J/m2 of 254 nm light immediately before creating DNA tightropes. When lifetimes of 

UvrA molecules in the presence of damaged DNA and ATP were plotted, they also fitted 

better to a double exponential (F-test = 154 (figure 3.11B)). However, the detachment rate 

constant k1 showed a striking decrease to 0.411 ± 0.023 s-1, equivalent to a three-fold 

increase in attached lifetime compared to undamaged DNA (figure 3.11A, C). Again, there 

was a small contribution of k2 to the fit (4%) (figure 3.11). The k2 rate constant might be 

expected to be from UvrA interacting with undamaged DNA, however the amplitude is 

likely too small to represent this population. The observation that we do not observe an 
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undamaged rate constant contributing as k2 suggests that UvrA is saturated by the 

concentration of DNA damage, but it could also be that k1 is composed of both undamaged 

and damaged DNA bound lifetimes; this may also explain the poorer fit of UvrA molecules 

in the presence of UV. However, the fit k2 rate constant likely represents a small population 

of proteins that are long lived on DNA (> 10 seconds), and this species was not investigated 

further. These data show that on undamaged DNA UvrA remains bound for approximately 

1 second, in good agreement with the biochemically measured ATPase. However, in the 

presence of UV damage, UvrA remains bound for around 2 seconds, but the biochemically 

measured ATPase remains unchanged (figure 3.11C). 
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Figure 3.11 UvrA’s lifetime on DNA is affected by the presence of UV damage. 

A) Attached lifetimes of individual UvrA molecules (black diamonds (see figure 3.14)) plotted as 

cumulative frequency and fit to a double exponential (red line). The rate constants k1 and k2 describe 

UvrA’s average detachment rates. This was repeated in the absence (top) and presence of UV damaged 

DNA. There is a clear change in the fast phase rate constant k1that indicates UvrA remains bound to DNA 

for longer in the presence of UV damage.  

 

B) A plot of the residuals from a single (black) or double (red) exponential fit to both ‘No UV’ or ‘UV’ 

damage cumulative frequency diagrams. The data plotted here show a characteristic trough and peak, 

however the double exponential remains closer to 0 in both plots, indicating double exponentials are more 

appropriate to fit these data.  

 

C) The single molecule detachment rate constant for undamaged DNA (grey stripes) is in excellent 

agreement with the steady state ATPase (solid black). However in the steady state there is no change in 

ATPase upon the addition of DNA damage, whereas at the single molecule the detachment rate constant 

decreases by around half (solid grey). Error bars show the error of the fits determined in Sigma plot. 
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3.13 ATP hydrolysis is coupled to detachment from DNA  

UvrA’s increased lifetime on damaged DNA may suggest that another process on DNA is 

occurring, or a process is being inhibited in the presence of DNA damage. To examine if 

ATP binding or ATP hydrolysis are required for UvrA’s attachment to DNA, a non-

hydrolysable ATP analogue ATPγS was used. ATPγS has a vastly slower rate of turnover 

compared to ATP but has previously been shown to permit formation of UvrA dimers and 

stimulate binding of UvrA to DNA (90, 101, 102, 106). UvrA’s detachment rate constant on 

undamaged DNA in the presence of ATPγS is reduced by six and a half-fold compared to 

ATP (1.24 ± 0.038 s-1 to 0.155 ± 0.002 s-1(P < 0.0001)) (figure 3.12). This significant 

increase in lifetime shows ATP hydrolysis, and not just ATP binding is necessary for release 

from DNA. There is no significant difference to the detachment rate constant on UV 

irradiated DNA 0.127 ± 0.001 s-1, which suggests that ATP hydrolysis is necessary to locate 

damage, most likely through repeated rounds of binding and releasing in a three-dimensional 

search. ATPγS bound UvrA displayed abundant binding to DNA (shown in table 3.1) which 

supports evidence that ATP bound UvrA favours DNA binding. Together these data show 

that ATP hydrolysis is coupled to UvrA’s detachment from DNA. Detachment is drastically 

slower in the presence of ATPγS, implying hydrolysis and formation of subsequent 

nucleotide states occurs on the DNA, with one of these states presumably being sensitive to 

DNA damage and delaying UvrA’s release from DNA.  
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Figure 3.12 ATP hydrolysis is required for UvrA to dissociate from DNA. UvrA molecules in the presence 

of the non-hydrolysable ATP analogue, ATPγS demonstrate very slow release from DNA. Whereas UvrA 

molecules in the presence of hydrolysable ATP detach from DNA at a rate of around 1 per second. The 

presence of ATPγS inhibits this release, suggesting ATP hydrolysis, not just nucleotide binding is 

necessary for UvrA’s release from DNA. The detachment rate constant is also unaffected by the presence 

of UV damage. Error bars show the error of the fits determined in Sigma plot. 
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3.14 ADP diminishes UvrA’s DNA binding, and increases attached lifetimes 

Experiments with ATPγS suggested ATP hydrolysis and subsequent nucleotide states occur 

on the DNA, and ATP UV experiments suggest a damage sensitive state must exist on DNA. 

Using DNA tightropes we attempted to recreate the ADP-bound and ADP + Pi-bound states 

of UvrA and investigate if they were sensitive to DNA damage or displayed a faster 

detachment rate constant. If a particular state is affected by DNA damage the attachment 

rate constant should reflect that of UvrA on UV irradiated DNA. Fitting the data from various 

nucleotide conditions provided dissociation rate constants shown in figure 3.13. ADP has 

previously been shown to facilitate UvrA dimerization, and binding to DNA, possibly in 

combination with ATP (90, 101, 102, 307). However, in the presence of ADP we observe 

UvrA molecules displaying vastly reduced DNA binding, with bound molecules remaining 

attached for a long time. Nevertheless, it was possible to calculate a detachment rate constant 

for both undamaged and damaged DNA, albeit with a low number of molecules (figure 3.13 

and figure 3.14). The ADP-bound state shows no difference between undamaged 0.202 ± 

0.006 s-1 or UV damaged 0.217 ± 0.016 s-1 DNA (P = 0.429), with both of these being 

approximately five-fold longer than the undamaged ATP condition. The low frequency of 

protein attachment and long lifetime implies that UvrA is not able to form a stable dimer that 

can interact with DNA under these conditions, conflicting with previous observations (90, 

101, 102, 307). From these data it can also be surmised that ADP-bound UvrA is not a 

damage sensitive state, but likely one involved in detachment from the DNA.  
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Figure 3.13 UvrA-ADP has low affinity for DNA. UvrA molecules in the presence of ADP show 

drastically reduced binding to the DNA (table 3.1); however detachment rate constants were determined. 

UvrA in the presence of ADP remained DNA bound, almost as long as in the presence of ATPγS. The 

ADP bound state of UvrA was also unaffected by the presence of UV damage. Error bars show the error 

of the fits determined in Sigma plot. Neither ATPγS or ADP bound UvrA show similar rate constants to 

the presence of ATP, and likely represent poorly populated states in vivo.  
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3.15 Addition of phosphate to UvrA-ADP recreates the damage sensitive state 

If ATP-bound UvrA is the DNA binding state, and ADP-bound is the detachment state it is 

possible the intermediate ADP + Pi bound UvrA might be sensitive to DNA damage. To 

recreate this condition an excess of free phosphate was added to the imaging buffer, 

balancing the change in ionic strength with a reduction in KCl (284). On undamaged DNA, 

the addition of phosphate to the ADP state did increase UvrA’s detachment rate constant 

slightly 0.202 ± 0.006 s-1 to 0.234 ± 0.007 s-1, but does not resemble the ATP condition (1.07 

± 0.019 s-1) and is therefore not rate limiting for detachment (figure 3.14). Similar to the 

ADP-bound state, few UvrA molecules were seen interacting with the DNA in this condition, 

suggesting that phosphate does not restore UvrA’s affinity for undamaged DNA (table 3.2). 

On UV damaged DNA the situation was starkly different, the detachment rate constant 

increased significantly from 0.217 ± 0.016 s-1 to 0.364 ± 0.011 s-1 (P <0.0001), this value is 

not significantly different from the rate constant for release of UvrA-ATP on damaged DNA 

(0.411± 0.023 s-1 (P = 0.501). This decrease in lifetime suggests that UvrA molecules bound 

with ADP + Pi represent a damage sensitive state. 
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Figure 3.14 The addition of phosphate to ADP-UvrA mimics a damage sensitive state. In an attempt to 

recreate the ADP Pi state of UvrA, an excess of free phosphate was added to the buffer. The addition of 

phosphate did not restore UvrA’s affinity for the DNA, nor did it recreate the ATP-bound lifetime in the 

absence of any DNA damage. A) When the DNA was UV irradiated, the detachment rate constant 

increased to a similar value of ATP-UvrA on damage, suggesting ADP Pi is a damage sensitive state. 

Error bars show the error of the fits determined in Sigma plot. B) A table of all detachment rate constants 

is shown for various conditions with the error of the fit (determined in Sigma plot) and the N of individual 

molecules counted from at least three flow cells per condition. *Double exponential, amp1 94%, k1 

1.235±0.038s
-1

;amp26%, k2 0.190 ± 0.044 s
-1

, **Double exponential, amp1 96%, k1 0.411 ± 0.023 s
-1

; 

amp2 4%, k2 0.098 ± 0.030s
-1

. These data are shown graphically in A). 
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Although a quantitative measure of DNA binding frequency (on rate) is not straightforward, 

a clear qualitative difference is seen between different nucleotide conditions, shown in (table 

3.2). Although UvrA-ADP + Pi resembles the lifetime of UvrA-ATP on damaged DNA, the 

addition of phosphate to UvrA-ADP did not improve the number of binders on UV damaged 

DNA, and was far lower than UvrA-ATP. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Table 3.2 Qualitative binding frequency of UvrA in different nucleotide conditions. As an 

unbiased, quantifiable approach to determine the attachment rate constant was not possible, 

the relative binding was judged qualitatively. UvrA in the presence of ATP demonstrated 

the most DNA decoration, as did ATPγS. Both ADP and ADP Pi showed very poor 

decoration on DNA, suggesting these states have a low affinity for DNA.  
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3.16 Photobleaching does not affect measured lifetimes  

To ensure photobleaching is not affecting the observed lifetimes of proteins on DNA the 

longest DNA-bound complex, UvrA-ATPγS was imaged at increasing laser powers. By 

plotting the lifetimes at different laser powers it is clear that only at laser powers > 10 mW 

is the attached lifetime affected (figure 3.15). This indicates that between 1-5 mW, where 

videos were collected, photobleaching is not defining the protein’s attached lifetime.  
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Figure 3.15 Photobleaching does not affect detachment rate constants. 

Lifetimes of UvrA in the presence of ATPγS and UV damaged DNA give the slowest detachment 

rate constant, therefore remain bound to DNA for the longest time. Measuring the lifetime with 

different laser power shows that only at > 10 mW is the lifetime significantly affected. Lifetimes 

presented in this thesis were collected using between 1-5 mW of laser power. Error bars show 

the error of the fits determined in Sigma plot. 
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3.17 Crystal structures of UvrA suggest a mechanism of negative cooperativity  

To try and understand how the different nucleotides affect UvrA’s ability to interact with 

DNA we looked at the crystal structure of Thermatoga maritima UvrA in complex with 

fluorescein modified DNA (281). From the structure of UvrA it is feasible that the position 

of the bound nucleotide has the capability of directly modulating the position of the zinc 

fingers (302) that interact with the DNA, and that this would be disrupted by ATPase 

mutants. When examining the structure, a tunnel between the N- and C-terminal ATPase 

domains of each UvrA monomer was observed (figure 3.16). Using the cavity search feature 

in PyMol, a clear cavity connecting both ATPase domains in each monomer together was 

identified (figure 3.16). The DNA binding interface of UvrA runs across the surface of the 

dimer, with the two ATPase sites located at each end, immediately beneath the DNA. The 

tunnel that connects the two ATPase sites together may be important for the cooperative 

nature of the ATPase sites, possibly enabling Pi to be passed from one site to the other. This 

may activate the second site to turn over and lead to the UvrA homodimer falling apart and 

causing detachment from DNA. The structure also shows how distorted DNA or lesions 

could easily influence the ATPase sites and the tunnel connecting them, and may be 

important in understanding how the nucleotide bound to UvrA influences damage 

recognition. 
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Figure 3.16 Crystal structure of Thermotoga maritima UvrA showing the phosphate tunnel. 

A) Surface plot of dimeric UvrA (purple) with the N-terminal (cyan) and C-terminal (red) ATPase sites shown 

behind DNA (yellow). A 90° rotation of the surface plot shows the cavity beneath the DNA. 

B) PyMol cavity search of structure reveals a clear tunnel (magenta) between the ATPase sites. UvrA is shown 

as a transparent cartoon with all pink surface objects showing solvent cavities. Figure created in PyMol using 

PDB structure (3PIH) (281). 
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Discussion 

The results in this chapter have shown that UvrA has a DNA-stimulated ATPase, but 

damaged DNA does not further enhance the ATPase activity. We find excellent agreement 

between bulk biochemical measurements and single molecule kinetics to suggest that 

UvrA’s detachment from DNA is coupled to ATP hydrolysis. However, UvrA’s lifetime on 

damaged DNA is increased, whereas the ATPase rate stays the same between damaged and 

undamaged DNA, presenting a rate constant paradox. Using a range of different nucleotide 

conditions to recreate different kinetic intermediates of UvrA, we find that ATP bound UvrA 

favours DNA attachment, ADP and Pi bound UvrA is likely the damage sensitive state, and 

ADP bound UvrA is the release state.  

 

3.18 UvrA’s ATPase is stimulated by DNA, but is not further affected by the 

presence of damage 

When measuring the steady state ATPase of UvrA, a two-fold increase in ATPase hydrolysis 

was seen upon the addition of various undamaged DNA substrates. A short oligonucleotide, 

a plasmid, and lambda DNA all stimulated UvrA’s ATPase equally, from 0.71 ATP·UvrA-1 

s-1 to 1.07 ATP·UvrA-1 s-1 (combined data). Whilst we see an increase in ATPase activity, 

Wagner et al see a ~50% drop in activity upon introducing undamaged DNA (120), this may 

be due to the use of different assays or buffers. Our NADH-linked assay has no ADP 

accumulation, whereas measuring γ32P allows ADP to build up. UvrA has a high affinity for 

ADP and has been shown to competitively inhibit UvrA’s ATPase (96, 97, 101). As 

described in the introduction, many studies on UvrA’s ATPase conflict, but several papers 

support the DNA stimulation observed here (97, 102, 303). 
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When DNA substrates were damaged by UV or by incorporation of a fluorescein moiety, 

there was no additional increase in steady state ATPase 0.71 ATP·UvrA-1 s-1 to 1.07 

ATP·UvrA-1 s-1 (P = 0.9594 combined data sets), but no additional stimulation compared to 

undamaged DNA (P = 0.0001). This is surprising considering the literature linking ATP 

hydrolysis to damage discrimination. However, we confirm that the damage substrates used 

contain UV damage, and show UvrA-mScarlet has an increased affinity for ATP in the 

presence of damaged DNA, showing damage discrimination is occurring. Interestingly, the 

increase in affinity for ATP is approximately the same as the change in lifetime we observe, 

and is similar to UvrA’s affinity for damaged over undamaged DNA (112, 281). In both the 

ATPase and single molecule experiments the concentration of damage was approximately 

the concentration of protein, or higher. In the single molecule experiments it is difficult to 

determine the volume of the system and how much DNA is present, however the large 

number of damaged bases per molecule, higher affinity for damaged DNA, and low protein 

concentrations minimise the possibility of seeing a mixed population of undamaged and 

damaged binding. There was no difference in ATP turnover between fluorescein or UV 

damage, so if UvrA is capable of discriminating damaged DNA, why does the steady state 

ATPase not change upon the addition of damage?  

 

3.19 UvrA molecules show a change in attached lifetime on damaged DNA  

Directly imaging UvrA molecules binding to DNA enabled the correlation of attached 

lifetimes to the biochemically measured ATPase rates. In the presence of ATP the 

biochemical and single molecule experiments are in good agreement with detachment rate 

constants of 1.07 s-1 and 1.23 s-1 respectively. However, unlike the biochemical experiments, 

single molecule experiments show UV damage increases the attached lifetime of UvrA 

molecules significantly, two to three-fold. These values are approximately the same as 

values determined in vivo (119). This presents a rate constant paradox, as from the ATPγS 

experiments we know ATP hydrolysis is coupled to detachment from DNA, but we see no 

change in the steady state ATPase to suggest that additional hydrolysis is taking place to 

keep UvrA bound to the DNA.  
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3.20 Reconciling the rate constant paradox with a sequential hydrolysis 

mechanism  

There appears to be tight coupling between ATP turnover and dissociation from DNA, 

meaning that one ATP is hydrolysed per UvrA monomer, per second on undamaged DNA. 

However, in the presence of damage the biochemical kcat does not change, but the lifetime 

on DNA increases approximately three-fold – the same degree as the tightening in affinity 

for ATP on damaged DNA. Knowing that the ATP turnover and dissociation are linked, this 

suggests that on damaged DNA two ATPs are hydrolysed per second per dimer, but four 

ATPs are hydrolysed overall in the interaction with the damaged DNA. To reconcile this 

paradox, we suggest a model where one ATPase site hydrolyses on undamaged DNA, and 

that hydrolysis at this site is able to dissociate UvrA from the DNA if no damage is detected. 

Previous literature using the ATPase mutants would support this site being the C-terminal 

ATPase site (99, 120). However, if DNA damage is detected, we hypothesise a 

conformational change takes place to keep UvrA bound to the DNA, triggering hydrolysis 

at the second ATPase site (N-terminal), but importantly this hydrolysis can only take place 

once the first site has finished turning over. This assumes that the two sites hydrolyse at 

approximately the same rate, which is likely as they have been duplicated during evolution 

and are structurally very similar (295). The overall effect of this is that the steady state 

ATPase rate remains the same, but the lifetime increase on damaged DNA can be explained 

by activation of the second site. This sequential action is indicative of negative cooperativity 

between the sites that is tightly coupled to DNA damage recognition. Similar mechanisms 

of negative cooperativity have been noted for other ABC ATPase superfamily members, 

including the bacterial mismatch repair protein MutS (308).  
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3.21 Identification of the attachment, damage sensitive, and detachment states of 

UvrA 

Although the bulk biochemical ATPase assay gives a sensitive measure of ATP turnover, 

other nucleotides cannot be substituted in the assay. DNA tightropes allow manipulation of 

the imaging conditions, including the use of UV damaged DNA and different nucleotides. 

UvrA-ATPS demonstrated comparable DNA binding to UvrA-ATP, but was unable to 

release from the DNA, remaining bound for a long time on both undamaged and damaged 

DNA. By contrast, UvrA-ADP had virtually no affinity for DNA, but also remained bound 

for a long time. Both of these states have lifetimes that are too long to be related to the steady 

state ATPase rate, and neither were affected by DNA damage, and therefore they have no 

role in UvrA’s discrimination of damage. However, the long attachment of UvrA in the 

presence of ATPS demonstrates UvrA-ATP is the DNA binding state, but requires 

hydrolysis to release from DNA (90, 101, 102, 120) whereas ADP-bound UvrA is most 

likely the detachment state from DNA; marked by the low binding affinity. Several groups 

have demonstrated a mix of ADP + ATP is optimal for UvrA’s activity (90, 106, 303). We 

show that with ADP alone, UvrA has almost no affinity for DNA, and is not capable of 

releasing, supporting the suggestion that ATP is required in at least one ATPase site for 

UvrA to be able to release from DNA; however we cannot say which site this is. To recreate 

the intermediate kinetic state between ATP and ADP bound, an excess of free Pi was added 

to ADP bound UvrA. The addition of Pi did not restore UvrA-ADP’s low affinity for DNA 

but there was a change in lifetime. On undamaged DNA, ADP + Pi behaved similarly to 

ADP alone, (0.202 s-1 vs 0.234 s-1). However, on damaged DNA there is a significant 

decrease in the detachment rate constant from 0.234 s-1 to 0.364 s-1, with the latter not being 

significantly different from the detachment rate constant of UvrA-ATP on damaged DNA 

(0.411 s-1). These data suggest that ADP + Pi bound UvrA populates a damage sensitive state 

on DNA, but interestingly it doesn’t restore UvrA’s affinity for DNA. The addition of Pi 

attempts to push the pathway backwards, if release of ADP + Pi is rate limiting for 

detachment from DNA, addition of Pi should accelerate the detachment rate constant. In our 

assay there was no acceleration of the undamaged DNA rate constant, suggesting the C-

terminal ATPase site is unable to be pushed backwards to a Pi and ADP bound state. 

However, on damaged DNA, the rate is accelerated, suggesting that either one or both 

ATPase sites are able to reload Pi and accelerate the rate limiting step in the presence of 

damage.  
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3.22 The crystal structure of UvrA suggests a mechanism of cooperativity  

When examining the crystal structure of UvrA it was apparent that the two ATPase sites are 

connected by a tunnel (figure 3.16). This cavity joining the adjacent ATPase sites of each 

monomer in the dimer suggests a possible mechanism of how one site might regulate the 

other. Their close proximity makes it plausible that Pi released from the first site regulates 

the binding, or hydrolysis of bound nucleotide at the second site. It would be interesting to 

mutate some of the internal tunnel cavity residues to disrupt the cooperativity between 

domains, allowing a sequential mechanism to be proved. On undamaged DNA, we propose 

the C-terminal ATPase site hydrolyses one ATP, per monomer, per second. Evidence 

suggesting the identity of the first and second sites was revealed using ATPase mutants and 

in vivo experiments (119, 293). Previous observations that nucleotide needs to be bound to 

the C-terminal ATPase site for damage recognition suggest this is the first ATPase site 

described here (307). This leaves the N-terminal site as the site activated upon binding 

damaged DNA. On damaged DNA, the first site hydrolyses ATP, and the second site, after 

the first site has turned over, hydrolyses another ATP per monomer per second. The overall 

effect of this is that the steady state ATPase remains constant, but the lifetime increases on 

DNA. The N-terminal ATPase site has been suggested as necessary for the recruitment of 

UvrB, the damage verifying helicase to the lesion and loading it onto DNA (99, 119, 293, 

302), which supports the role of a damage activated site described here. Recognition of DNA 

damage by UvrA involves the zinc fingers found in close proximity to the ATPase sites (137, 

301, 302). The various zinc finger structures are detailed in the introduction of this chapter, 

but there is a clear conformational change that either supports a closed conformation (DNA 

bound) or an open conformation (not bound to DNA) and it is plausible this is linked with 

ATP hydrolysis at the N-terminal ATPase site. Due to the DNA binding site across the face 

of the protein sitting above the ATPase sites, it suggests the presence of DNA damage will 

affect the cooperativity and conformation of the two ATPase sites and this in turn is likely 

to affect the zinc fingers.  

 

 

 

 

 



104 

 

 

3.23 Conclusions 

This chapter has described the investigation of UvrA’s ATPase, using both bulk phase 

biochemical studies and single molecule fluorescence techniques. The role of different 

nucleotides and DNA substrates on UvrA’s activity has been explored. Strong agreement 

between results from both methods provides evidence that UvrA’s ATPase is tightly coupled 

to attachment to DNA. On undamaged DNA UvrA hydrolyses two ATPs per dimer per 

second, most likely at the C-terminal ATPase site that lead to dissociation. On damaged 

DNA, we find the steady state ATPase does not change, however the lifetime on DNA does. 

This rate constant paradox can be reconciled with the model that the N- and C-terminal 

ATPase sites fire in sequence, i.e. two ATPs are hydrolysed by the C-terminal site, but the 

N-terminal ATPase site is activated by damage, causing two ATPs to be hydrolysed at the 

N-terminal site, but only after the C-terminal site has turned over. This accounts for the 

observed kinetics and suggests a tight coupling model due to strong negative cooperativity 

between the UvrA ATPase sites.  
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3.24 Difficulty proving the sequential model  

Throughout this work there have been difficulties; purification, solving the rate constant 

paradox, and proving the sequential mechanism. The latter of which is still partially 

unresolved. Previous studies used catalytic lysine mutants of each ATPase site to try and 

delineate the role of each site (discussed in section 3.3). However, the evidence that mutating 

one site abolishes all ATPase activity makes accurate interpretation of the various results 

complex. Therefore using the two ATPase mutants here would not clearly show the model, 

but likely complicate matters further. The difficulty in proving the sequential hydrolysis 

hypothesis is that the steady state ATPase does not change, so any measure of this will show 

no difference between undamaged and damaged DNA. Several different methods were 

applied to try and prove this hypothesis, but none were able to convincingly provide support; 

these are briefly explained here. 

3.24.1 Malachite green 

The malachite green phosphate assay kit (Sigma Aldrich, UK) determines free phosphate 

concentration in solutions. The association of malachite green dye and free phosphate causes 

an emission change between 600-660 nm that can be measured. Experiments with UvrA and 

either undamaged or damaged DNA showed no significant differences, confirming the 

steady state ATPase result that shows no difference between undamaged and damaged DNA. 

Experiments carried out with a time course showed that the conditions to stop the assay (high 

concentration HCl) either caused ATP decay to ADP and Pi, or did not prevent UvrA turning 

over. Therefore, this experiment does not provide any evidence for sequential hydrolysis and 

is not discussed further.  
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3.24.2 Tryptophan fluorescence  

E. coli UvrA contains three tryptophan residues per monomer. Tryptophan residues fluoresce 

with excitation at ~280 nm, and depending on the environment of the residue emit light 

around 300-350 nm (309). The three residues in UvrA stick out of the structure, almost on 

top of the DNA. To see if the addition of ATP, or DNA altered the chemical environment of 

the tryptophan residues, the fluorescence emission wavelength was measured. Initially it 

seemed there was a good signal from the tryptophans alone, peaking at around 345 nm. On 

the addition of 1 mM ATP there was a significant drop in fluorescence intensity, which did 

not change over time. However, the addition of water demonstrated the same drop in signal, 

likely due to dilution of the tryptophan signal. Interestingly, Kraithong et al used tryptophan 

fluorescence in their recent study, however this was using thermophilic UvrA, leading us to 

suspect that structural differences between these proteins gives a tryptophan signal that was 

not observed here (302). 

3.24.3 Stopped flow with fluorescent ATP 

Following on from the unsuccessful tryptophan fluorescence experiments, we investigated 

if Förster resonance energy transfer (FRET) would occur from the tryptophan residues and 

fluorescently labelled ATP (2'-(or-3')-O-(N-Methylanthraniloyl) Adenosine 5'-Triphosphate 

(mant-ATP)) bound to UvrA’s ATPase sites. There was a FRET signal that decreased upon 

the addition of UvrA, and a small decrease in fluorescence decay over time that may suggest 

a slow conformational change of UvrA-mant-ATP. This was then further investigated using 

stopped flow pre-steady state kinetics. The association of mant-ATP and UvrA should show 

any transient decrease over time, and as we know the steady state ATPase is unchanged, it 

was possible the approach to equilibrium would be different for undamaged and damaged 

DNA. Binding and hydrolysis of mant-ATP to the ATPase site of UvrA should change the 

environment of the fluorophore, and provide a fluorescent signal that can be monitored. 

However, there was only a very small transient change in signal using stopped flow, and as 

these assays consumed vast volumes of protein they were abandoned. As UvrA’s affinity for 

ATP changes based on the damage state of the DNA this precludes the use of mant-ATP in 

single molecule studies. Additionally, the nucleotide concentration needs to be far in excess 

of the KM, but at this concentration the background fluorescence would obscure any signal 

from individual molecules binding to UvrA on the DNA.  
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3.25 Future work on UvrA 

To consolidate and support the data presented in this chapter some additional experiments 

should be carried out. The hypothesis that the phosphate tunnel is responsible for the 

cooperativity between the ATPase sites in UvrA can be tested using site-specific mutants. 

Residues that line the cavity can be identified using the crystal structure of UvrA ((PDB: 

3PIH) figure 3.17) and bulky residues such as tryptophan can be substituted to obstruct the 

tunnel, affecting the cooperativity without mutating either ATPase site. This uncoupling of 

the ATPase sites should prevent activation of the second site, even in the presence of 

damage. At the single molecule level this should give an attached lifetime of ~1 s-1 on both 

undamaged and damaged DNA, this would show that the tunnel is important for regulating 

the second ATPase site and regulating damage discrimination by UvrA.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.17 Site-specific mutants affecting the tunnel connecting UvrA’s ATPase sites. Blue sticks show 

residues 831-836 (DEPTV) and green sticks show residues 664-666 (QSP) of UvrA sitting just above 

the cavity (shown in surface as solid magenta) connecting the two ATPase sites. The N-terminal ATPase 

site is shown in cyan, and the C-terminal ATPase site in red as space filled atoms. These are candidates 

for mutants that might affect the cavity and disrupt the cooperativity between ATPase sites. Structure 

created in PyMol using PDB structure 3PIH.  

 



108 

 

 

The kinetics of each ATPase site are assumed to be very similar as they likely arose from 

gene duplication (294, 295). Using the K37A and K646A mutants the kinetics of the other 

site could theoretically be obtained using the ATPase assay; however, mutating one site 

seems to abolish all ATPase activity (120, 303). What is really needed are a set of mutants 

that do not adversely affect the structure or function of UvrA (i.e. UvrA-mutants that are 

capable of rescuing UV survival in UvrA knockout cells) but affect the ATPase activity of 

one site. A series of constructs that have mutations in the Walker A motif of both ATPase 

sites can be screened for in vivo complementation and then examined in vitro for folding 

compared to wild-type UvrA using circular dichroism. Two such mutants are used by Stracy 

et al in vivo but these should be characterised for protein folding and biochemical activity to 

validate them before using them in vitro (119). If one ATPase site can be slowed down, this 

should allow a sequential mechanism to be proved. If the two sites fire at different rates, a 

mixed population of rate constants will be observed and these can be related to the kinetics 

shown in this chapter to show both sites have the same rate constant, supporting a sequential 

model. Taking the results in this chapter further the two-site hypothesis should be expanded 

to include steps where UvrB is loaded onto the DNA and the kinetics of incision, which is 

discussed further in section 5.1. 

3.25.1 Expanding the two-site hypothesis 

The two-site hypothesis should be extended to encompass UvrA’s ATPase within the UvrAB 

complex. It has been shown that UvrAB can detect damage (103, 108), but it is not known 

how UvrA’s ATPase functions when sandwiched by two UvrB molecules. UvrB also turns 

over ATP when in complex with UvrA, or when bound to damaged DNA (96, 105, 124), 

preventing the straightforward use of the ATPase assay used in this chapter. Although ATP 

turnover drastically increases when UvrB is added to UvrA (section 3.6), the contribution of 

each proteins ATPase cannot be isolated. UvrA can utilise both ATP and GTP, whereas 

UvrB can only turnover ATP (307). This can then be used to monitor the hydrolysis of the 

two different proteins turning over nucleotide. This has been performed using thermophilic 

proteins (137) but should be repeated using the E. coli system with a careful analysis of the 

reaction kinetics. Whether GTP functions in the same way as ATP in the NADH-linked 

assay is unknown for the E. coli proteins but can be tested by replacing ATP with GTP in 

the presence of UvrA on DNA. The rate constant of UvrA’s GTPase compared to the ATPase 

is also unknown for E. coli UvrA and should be determined before examining UvrAB’s 

ATP/GTPase activity. The different turnover of nucleotide in the presence of undamaged 
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DNA, single-stranded DNA, bubble containing DNA, and UV irradiated DNA should be 

compared to build on the results in this thesis. These experiments should be supported with 

a catalytically dead mutant of UvrB’s ATPase (K45A (124)), and the beta-hairpin mutant 

(Y96A (137)). The mutant of UvrB’s ATPase should show no ATPase activity, just UvrA’s 

GTPase and if this is stimulated by the presence of UvrB. The beta-hairpin mutant cannot 

discriminate damage and should cause UvrB’s ATPase to continuously turn over without 

being released from the DNA (137). These biochemical experiments should be combined 

with single molecule techniques to allow further clarification and characterisation of the 

kinetics. If UvrB is purified with a fluorescent protein such as mNeonGreen it can be 

visualised at the same time as UvrA using a multi-channel fluorescence microscope. A 

complex of UvrA & UvrB can then be imaged on DNA tightropes to get the diffusion 

characteristics and behaviour, similar to a recent study from our lab using thermophilic 

proteins (108). The UvrAB complex can then be examined for its response to UV damage; 

do complexes slide to find the damage sites and then stall? Are DNA damage sites directly 

bound by UvrAB from solution? The single molecule experiments should also be performed 

with the beta-hairpin mutant that will prevent UvrB detecting or verifying DNA damage. 

Finally, UvrA, UvrB, and UvrC should all be tagged with different colour QDOTs via 

different labelling methodologies (e.g. Biotin-Streptavidin, His-IgG, HA-IgG) that enable 

all three proteins to be visualised simultaneously binding to DNA tightropes. DNA damage 

can be introduced at a specific location that can be labelled with a fluorophore such as Cy3 

(108). The fluorescently tagged DNA damage might disappear when excised but will 

probably require the addition of UvrD (labelled or unlabelled). This experiment enables the 

kinetics of the complete NER excision reaction to be obtained in real-time. Many questions 

remain about the dynamics of NER and the order of events that can be addressed with this 

experiment, such as, at which point is UvrA released from the UvrAB:DNA complex? How 

long does it take from detection to incision? Can we see incision take place without UvrA? 

If no damage is verified does UvrB detach from the DNA?  
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Introduction 

4.1 TFIIH is the central hub in eukaryotic NER  

The major transcription factor TFIIH orchestrates eukaryotic NER. Initial damage detection 

is carried out by XPC which then recruits the TFIIH complex to the DNA near the lesion 

(189, 310). The helicases XPD and XPB located within TFIIH then unwind the DNA around 

the lesion. Critically, XPD must verify the presence of damage before incisions either side 

of the damage can occur. It is still poorly understood how XPD is capable of discriminating 

DNA damage, and which other proteins are involved in this step.  

4.2 Helicases in TFIIH are regulated by other subunits  

XPB and XPD are helicases found at the base of the horseshoe structure in TFIIH (figure 

4.1). Both XPD and XPB are part of the SF2 helicase family, but have opposite polarities 

(190). Many helicases require stimulation by other proteins to conduct their biological 

function (190). Accordingly, structural and biochemical experiments have shown that both 

XPB and XPD are regulated by other TFIIH subunits. XPB’s ATPase is regulated by p52 

and p8 (311-313), and XPD’s ATPase is regulated by p44 (156, 207, 233, 240, 314, 315). 

Several structures of yeast and human TFIIH exist, however flexibility within TFIIH, sample 

preparation, and imaging artefacts prevent every subunit from being assigned and the 

interactions being characterised (177, 232, 316, 317). Luo et al performed crosslinking mass 

spectrometry on human TFIIH to create linkage maps (figure 4.2). Around 70% of the 

interactions were found in four key domains; ‘the anchor’ in p62, ‘the hub’ in p52, ‘the lock’ 

in XPB, and ‘the latch’ in MAT1. These maps show how the subunits within TFIIH interact, 

and also demonstrate the complex network of protein-protein interactions that hold TFIIH 

together (177). Several recent cryo-EM structures show clear contacts between the helicases 

and regulatory subunits in TFIIH (figure 4.1) (205, 208, 239). In one cryo-EM structure, 

every core TFIIH subunit can be unambiguously assigned (239). Extensive contacts between 

p44, p62, and XPD can clearly be observed (figure 4.1) opening up many questions about 

how these three proteins interact and how this interaction affects DNA repair. 
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Figure 4.1 Cryo-EM structure of core TFIIH associated with MAT1. PyMol structure 6NMI in A) cartoon and 

B) surface displays, coloured by protein subunits. The presence of MAT1 disrupts any DNA binding, or 

helicase activity of XPD. The p62 subunit (teal) can be seen inserted into the XPD DNA binding site. Structure 

isolated from PDB: 6NMI (239). 

Figure 4.2 Protein-protein contacts within TFIIH. Crosslinking studies on human TFIIH show the 

complex network of interactions between subunits. Both intralinks (blue) and interlinks (red) can be seen 

on the crosslink map. Red and green dots show positions of lysine residues. Figure taken from (177). 
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4.3 Role of p44 and p62 in DNA repair 

4.3.1 Structure of p44 

Humbert et al first identified and cloned human p44 along with p34 (318). Both proteins 

were confirmed as subunits of TFIIH and found to possess von Willebrand factor-A like 

domains (vWA) that have been implicated in forming extensive protein-protein contacts and 

in dimerization (159, 177, 316, 318-321). In addition to the vWA domains, p44 also contains 

several zinc finger motifs that form a proposed DNA binding domain (318) that has been 

shown in several other proteins such as CTCF (322). The different domains of p44 are shown 

in figure 4.3 with the cartoon structure of p44 isolated from the Greber 2019 cryo-EM 

structure. A heavily redundant network of contacts exists between p34 and p44, suggesting 

this is an important interaction, and may explain the lack of clinical cases showing p44 

mutations (321). The p34:p44 interaction was shown to be crucial for TFIIH’s architecture, 

with the vWA domains implicated in binding multiple other TFIIH subunits (177), and being 

important for TFIIH assembly (177, 319, 321, 323, 324). Mutations in p44 affect the genome 

stability of yeast, sensitise cells to UV, and cause defects in transcription and DNA repair 

(325-328). p44 regulates the ATPase activity of the main helicase involved in NER, XPD, 

and mutations in XPD that disrupt this interaction cause deficiencies in DNA repair and 

transcription that lead to diseases such as XP (159, 329). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.3 Cryo-EM structure of the p44 subunit 

within TFIIH. The domains of p44 are shown 

along with the gene map. Domains of p44 were 

mapped as in Rimel et al (316). Structure isolated 

from PDB: 6NMI (239). 

RING Zn domain 
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4.3.2 Structure of p62  

Human p62 was found to associate with TFIIH and be involved in transcription (330). p62 

is absolutely required for DNA repair, (331) however there appears to be no enzymatic 

activity associated with p62, and the role in TFIIH is unclear (330, 332, 333). Structurally, 

p62 contains two BSD domains which have been hypothesised to interact with DNA (316) 

it also contains a PH-like domain that contains the anchor region which makes important 

protein-protein contacts within TFIIH (177, 316, 334). The PH domain is not visible in the 

Greber 2019 structure; however, the other domains are shown in figure 4.4 as a domain map, 

and a cartoon structure extracted from the entire human TFIIH structure.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.4 Cryo-EM structure of the p62 subunit of core TFIIH. p62 is shown as a cartoon structure. Domains 

of p62 were identified from the side chains and mapped as in Rimel et al (316). The PH domain is missing in 

the cryo-EM structure. Structure isolated from PDB: 6NMI (239). 
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The transcriptional TFIIH cryo-EM structure shows p62 makes extensive contact with the 

core TFIIH proteins, forming a supportive arch structure (239). However, p62 is not able to 

be defined in several other TFIIH structures (205, 208, 335), including the most recent cryo-

EM structure where TFIIH is bound to DNA, suggesting p62 is flexible when TFIIH is 

engaged with the DNA, but not in the transcriptional state (208, 239). Biochemically, p62’s 

interactions with TFIIH are complex, with multiple binding partners sharing the same region 

(177, 332, 336, 337). Studies in yeast have shown XPC binds the PH domain of p62, and 

XPG shares the same binding site (310, 338). Both of these interactions are crucial for cell 

survival to UV exposure, and suggest how NER progresses from initial damage recognition 

to incision. XPC will initially detect the lesion in the DNA, then the XPC:damage complex 

has to recruit TFIIH, probably through the PH domain of p62 and an interaction with XPB 

(310, 338). Once TFIIH is loaded on the DNA verification by XPD can take place. If damage 

is present XPC must be displaced to form the incision complex where XPG then interacts 

with p62. This displacement may help load XPG in the correct orientation on the damaged 

strand to enable efficient incision on DNA (177, 314, 331, 339). 
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4.4 Interactions between p44 & p62 and TFIIH 

Several groups have observed interactions between p44 and p62, and this seems to be 

important for incorporating p62 into TFIIH (156, 185, 323, 324). It has also been shown that 

p62 contacts the HD2/Fe-S region of XPD and may have a role in regulating XPD’s helicase 

activity. Mutants in XPD where p62 binds affect helicase activity, similar to the interaction 

between p44 and XPD (177, 207, 239). Furthermore, ~20 residues of p62 are seen to be 

inserted into the DNA binding cavity of XPD, preventing DNA binding – although this is in 

a transcriptional state where XPD is not required (figure 4.5) (239). Investigating the 

interactions between p44, p62 and XPD is critical for our knowledge of how XPD 

discriminates and verifies DNA damage, and understanding the mechanism of how DNA is 

repaired. While p44 is known to stimulate XPD (159, 207), the role of p62 is almost entirely 

unknown. Both p44 and p62 have been shown to interact with XPD and possess putative 

DNA binding domains, but despite this they remain relatively understudied in TFIIH. Using 

a single-molecule approach we investigated how purified p44 and p62 interact with XPD 

and contribute to DNA repair. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.5 Cryo-EM structures of p44, p62 and XPD in TFIIH.  

Cryo-EM structure of p44 and p62 contacting XPD. p44 (yellow) and XPD (coloured by domain) are 

shown as surface plots with p62 shown as a cartoon structure. p62 can be seen making extensive contact 

with p44, and the helicase domains (HD2 (red) and HD1 (magenta)) of XPD. Furthermore a loop of p62 

can be seen inserted into the DNA binding domain of XPD (between the Fe-S (blue) and helicase 

domains). Structure created in PyMol from PDB: 6NMI, XPD domains were mapped as in Fan et al (239, 

248). 
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Results  

4.5 Full length p44 and p62 co-purify as a complex  

In collaboration with the Kisker lab, initial studies (performed by Dr Jochen Kuper) 

discovered that to purify full length active p44, co-purification with p62 is necessary, eluting 

as a tightly associated complex of p44/p62 (figure 4.6). This p44/p62 complex was also 

capable of forming a ternary complex with XPD (figure 4.6). This is the first-time full length 

p44 has been purified and studied. Previously, p44 has been purified as a truncation 

consisting of the first 285 residues. This p44 construct contains the vWA domain and the 

start of the zinc domain, but is missing the C-terminal RING domain, and is referred to as 

N-p44 hereafter. XPD and p62 are able to be purified independently (207).  
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Figure 4.6 p44 and p62 co-purify as a complex that interact with XPD. 

Size exclusion chromatography fractions show that p44/p62 (green) co-elute as a complex, while XPD 

(black) can be eluted alone, or in complex with p44/p62 (blue). Data from Dr Jochen Kuper 
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4.6 XPD’s ATPase is stimulated by p44/p62 on damaged DNA  

In the cryo-EM structure of human TFIIH, p62 contacts XPD and p44 (figure 4.5) (239). 

The ATPase of XPD is coupled to the helicase activity, with ATPase activity being 

stimulated by p44 (159, 207). Mutations in XPD that disrupt interactions with p44 cause 

disease by disrupting helicase activity – leading to a defect in DNA repair (159, 207). It has 

been suggested p62 also contacts XPD in the HD domains and the Fe-S cluster that is 

important for damage discrimination (177, 178). To investigate if p62 was able to stimulate 

the ATPase of XPD, the turnover of ATP in the presence of different DNA substrates was 

measured using a NADH-coupled assay. Neither p44 nor p62 have been found to contain 

any ATPase motifs or ATPase activity in vitro (Dr Jochen Kuper, unpublished). 

 

XPD alone had a very slow ATPase, even in the presence of single-stranded DNA (figure 

4.7). As shown previously (207), N-p44 stimulated XPD’s ATPase in the presence of both 

single-stranded and double-stranded DNA (figure 4.7), however p62 alone did not stimulate 

XPD’s ATPase on any substrate. Surprisingly, the p44/p62 complex only accelerated XPD’s 

ATPase on undamaged DNA to the same degree as N-p44, with both N-p44 and p44/p62 

showing the greatest enhancement of XPD’s ATPase activity in the presence of undamaged 

single-stranded DNA, consistent with XPD’s role as a single-stranded translocase (207). 

However, when a fluorescein moiety (that NER recognises as damage (200)) was introduced 

into a double-stranded DNA substrate, p44/p62 accelerated XPD’s ATPase two-fold more 

than N-p44 (figure 4.7). The acceleration of XPD’s ATPase by N-p44 on damaged DNA is 

indistinguishable from the stimulation on undamaged DNA, suggesting that additional 

residues present in p44/p62 are enhancing the stimulation of XPD’s ATPase. This is the first 

evidence that p44/p62 may have a role in modulating XPD’s ability to detect or discriminate 

DNA. These data are supported by helicase data that show p44/p62 enhance XPD’s ability 

to successfully unwind an undamaged fork substrate more so than N-p44 alone. 

Interestingly, the enhancement of XPD’s helicase activity is similar to the fold change 

between the ATPase activity on damaged DNA, suggesting p44/p62 may enhance XPD’s 

translocation on DNA.  
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Figure 4.7 XPD’s ATPase is stimulated by p44/p62 and N-p44. A) XPD’s ATPase stimulation by 

p44 (dashed) or p44/p62 (white) are shown as fold changes in kcat from XPD and DNA (black) on 

different DNA substrates. Experiments containing p62 alone and DNA showed no stimulation of 

XPD. B) Exact kcat values are shown in the table below with S.E.M as error. C) Helicase data (from 

Dr. Jochen Kuper) shows p44/p62 accelerate XPD’s ability to unwind DNA more so than N-p44 on 

an undamaged fork substrate (shown below the helicase data and described in section 2.8). Errors are 

S.E.M from at least 3 repeats. * = p < 0.007, n.s = not statistically significant using student’s t-test.   
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4.7 The p44/p62 complex binds and diffuses on DNA 

We then investigated how p44/p62 behaved without XPD, and if they are able to interact 

with DNA independently. To do this we used the single molecule DNA tightrope assay (108, 

109, 113). Purified His-tagged p44/p62 was conjugated to a fluorescent QDOT through an 

Anti-His IgG antibody as described previously and imaged using a fluorescence microscope 

(109, 287). Strikingly, p44/p62 was observed to bind and diffuse along double-stranded 

lambda DNA, the first evidence of these factors being able to bind DNA independently of 

XPD (figure 4.8). Approximately 80% of p44/p62 molecules demonstrated diffusion on the 

DNA (n = 599 total), with several types of behaviour distinguishable when videos were 

transformed into kymographs. A kymograph is a transformation of the position on the Y 

axis, through every frame – the X axis (shown in figure 4.8). The intensity of molecules 

bound to DNA in each frame is plotted on the X vs Y coordinates. Streaks moving in the Y 

dimension indicate the protein-QDOT moving on DNA, linear streaks indicate static DNA 

binding. Multiple behaviours of the p44/p62 complex were observed. Firstly, the diffusion 

of this complex was consistent with molecules sliding along the DNA, supported by the 

inability of molecules to cross one another on the DNA. Secondly, although most complexes 

diffused, a number were seen to stop, often at the same location on the tightropes. This may 

indicate a pause at a damage site or a specific sequence. Finally, fluorescence intensity 

fluctuations of the same molecule over time suggest oligomers might be forming on the 

DNA. 
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Figure 4.8 Tightrope schematic and kymograph of p44/p62 diffusion 

A) A microfluidic flow chamber where 5 µm beads are adhered to the surface, and DNA is flowed 

over them, forming DNA tightropes (green strands) 

B) Kymograph of p44/p62 molecules diffusing on lambda DNA tightropes.  Three different binders 

(also shown on a tightrope for clarity) can be seen diffusing along DNA in a random fashion, but do 

not cross each other.  
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4.8 Labelling does not affect XPD’s ATPase 

To show that p44/p62’s activity is not adversely affected by labelling with a QDOT, the 

ATPase assay was used. The ability of p44/p62 to stimulate XPD’s ATPase on single-

stranded DNA was tested, as this substrate previously showed the greatest activity (figure 

4.7). It is not possible to use QDOTs in this assay as they absorb light at 340 nm, preventing 

the turnover of ATP to be measured. Instead, the primary antibody (penta-His) was used. 

Firstly, to make sure that XPD was not being affected by labelling, XPD was pre-incubated 

with penta-His antibody and then unlabelled p44/p62 was added. The stimulation of labelled 

XPD’s ATPase was the same as unlabelled XPD. Then, labelled p44/p62 was added to 

unlabelled XPD, also showing no difference from the stimulation by unlabelled p44/p62. 

These results are shown in figure 4.9 with graphical representations of which protein was 

labelled. These data show that p44/p62’s ability to interact and stimulate XPD’s ATPase is 

not affected by being conjugated to an IgG antibody.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.9 IgG labelling does not affect XPD’s ATPase. XPD’s ATPase is not affected by 

either XPD being labelled with penta-His antibody, or if the stimulating complex p44/p62 is 

labelled with penta-His antibody. Mean of three repeats plotted as k
cat

 values, with S.E.M as 

error bars. Graphic representation shows which protein in the assay is labelled with an 

antibody.  
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4.9 p44/p62’s interaction with the DNA is salt dependent 

The kymographs of p44/p62 molecules interacting with DNA showed that multiple 

molecules on the same DNA molecule were not observed crossing each other, suggesting 

they slide along the helical backbone of DNA and cannot pass each other. To investigate this 

further, we performed experiments changing the salt concentration. As described in the 

introduction (section 1.8) changing the salt concentration and examining the behaviour of 

molecules allows sliding to be differentiated from hopping. At higher salt concentrations 

(100 mM vs 10 mM KCl) fewer molecules of p44/p62 were observed binding to DNA, and 

of these, a lower percentage diffused (55%, n=58 total). At salt concentrations > 100 mM 

KCl, almost no molecules bound to DNA and this was not pursued further. The dependence 

of the p44/p62:DNA interaction on the salt concentration suggests that the electrostatic 

interaction with the backbone is being affected. 
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4.10 p44/p62 slide along the DNA helix  

Proteins can use multiple modes to scan DNA for their target site, and these can be used in 

combination (section 1.8). Proteins can either skip along the backbone of the helix (hopping), 

or it can corkscrew around the backbone following the groove of DNA (sliding). Both of 

these mechanisms are shown in figure 4.10. Hopping generally facilitates a very rapid 

diffusion constant, as the protein makes transient contacts along the DNA. Sliding however, 

has the impairment of rotation-coupled drag as the protein follows the turns of the DNA 

helix. To distinguish between these modes the diffusion constant in different salt 

concentrations needs to be calculated.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.10 Schematic of sliding versus hopping. A) Proteins can slide along the DNA backbone. The 

yellow major sector represents a protein moving along DNA following the rotation of the helix. The 

arrow shows the trajectory along the backbone. B) Proteins can hop along the DNA, shown as stepping 

across the DNA backbone, but not following the rotation of the double helix. The two methods can be 

separated by their diffusion constants.  
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To calculate the diffusion constant of p44/p62 molecules in different conditions, each frame 

of a kymograph is fit to a Gaussian distribution to obtain the position of the molecule with 

greater resolution above that of the microscope (super-resolution). A sequence of the 

molecule’s positions over time give a trajectory, and these can be used to calculate the mean 

squared displacement (MSD) – how far a protein has deviated from its starting position over 

time (described in section 2.18). From fitting the MSD data, a mathematical constant (alpha) 

which describes diffusion can be obtained; where <1 is constrained diffusion, 1 is unbiased 

diffusion, and 2 is directed motion. For p44/p62 molecules we find the alpha values ~ 1 

(table 4.1) which suggests that p44/p62 is performing a random walk on DNA in both salt 

concentrations. From the MSD we can calculate the diffusion constant, how fast the 

molecules diffuse on DNA. We obtain a value of 0.067 µm2/s ± 0.006 in 10 mM KCl and 

0.042 µm2/s ± 0.010 in 100 mM KCl. A plot of alpha versus diffusion constant is shown in 

figure 4.11 with the average values for both axes shown in table 4.1. Diffusion constants 

are distributed over a logarithmic scale and are not significantly different between salt 

conditions (P = 0.0457). These data suggest that p44/p62 molecules slide along the DNA 

helix, rather than hop along the backbone (260, 263, 264, 266, 267, 269). 
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Table 4.1 Diffusion constant and alpha values for p44/p62 in high and low salt buffers. Values are 

given ± S.E.M. For the diffusion constant the S.E.M was calculated in log space and propagated 

to normal space.  Student’s t-test using flow cell n, shows no significant difference between the 

diffusion constant in high and low salt (P = 0.0457). 

Figure 4.11 Diffusion constant versus alpha plot. Diffusion constants are normally distributed in log 

space (X axis). Alpha values centre around 0.9, showing p44/p62 perform a random walk in both high 

salt (circles) and low salt (crosses) buffers. Diffusion constant, alpha values and n’s are shown in the 

table below. 
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To further confirm that p44/p62 slide along the DNA, the friction of p44/p62 moving along 

the DNA can be calculated using equation 1.1 where r is the radius of the protein in nm 

(269).  

𝑹𝑪 = 𝟏 +
𝟒

𝟑
(𝟐𝝅)𝟐(

𝒓
𝟏⁄  

𝟑.𝟒
)𝟐   (1.1) 

Globular proteins are modelled as spheres to determine the hydrodynamic drag of a complex 

moving in a solution using Stokes` law. As the dimensions of the p44/p62 complex are not 

known, they have to be approximated. The molecular mass of a heterodimeric p44/p62 

complex is ~106 kDa, similar to a monomeric E.coli UvrA molecule (105 kDa) which has a 

radius of ~ 6 nm; this was used for future calculations (90). In our experiments we label 

p44/p62 with an anti-His tag antibody, and then an anti-IgG QDOT which increases the 

radius of the complex to approximately ~13 nm (from manufacturer Thermo scientific). 

Taking these together and finding the centre of mass of the whole complex (cubing and cube 

root (109)), the total radius of p44/p62:QDOT complex is 13.3 nm. Using the Stokes-

Einstein equation (1.2) the one-dimensional diffusion constant without any rotation can be 

calculated, this is the value we would expect if p44/p62 hopped along the DNA(269). 

𝑫𝒏𝒓 =
𝒌𝑩𝑻

𝟔𝝅𝛈𝐫
     (1.2) 

Where kBT is the Boltzmann constant at room temperature = 4.1 pN nm and η is viscosity 

(water at 25°C = 0.89), and r is radius (340). Using the approximate radius of 13.3 nm in 

equation 1.2 we would expect a diffusion constant without any rotation of 18.4 µm2/s. This 

is several orders of magnitude faster than the diffusion constants we observe for p44/p62.  

If we then use equation 1.1 to calculate the rotation-coupled element (RC) and dividing the 

non-rotational constant (Dnr) by this (equation 1.3)  

𝑫𝑹 =  
𝑫𝒏𝒓

𝑹𝑪⁄        (1.3) 

we obtain 0.023 µm2/s, which is much closer to the diffusion constants determined from 

experimental data for p44/p62 (~0.05 µm2/s), and for other proteins reported to slide on DNA 

(341). Together these data suggest that p44/p62 molecules slide along the DNA helical 

backbone. 
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4.11 p44/p62 are capable of detecting DNA damage 

As p44/p62 is capable of binding to the DNA and sliding along the backbone, we 

investigated how the presence of UV damage on the DNA would affect p44/p62’s behaviour. 

Lambda DNA was irradiated with 500 J/m2 of 254 nm UV light immediately before being 

used to create DNA tightropes. This method has been shown to randomly induce CPD 

lesions on the DNA (section 2.11). When imaging p44/p62 molecules in the presence of 

DNA damage there was a clear shift in the number of molecules that diffused on the DNA. 

The number of diffusing molecules decreased from ~80% to ~55% in the presence of UV 

damage (figure 4.12). When analysing the kymographs of p44/p62 molecules in the 

presence of UV damage it was apparent that although some molecules were diffusing, they 

were restricted in the total excursion distance they could move on the DNA. As described 

previously, a diffusive exponent, alpha, describes diffusion; where a value of 1 shows 

unobstructed random walking, α <1 suggests confined diffusion, and α >1 shows directed 

motion. When p44/p62 molecules alpha values were plotted as a histogram there was a shift 

to lower alpha values in the presence of UV damage (figure 4.12). This shows that when the 

DNA contains UV damage p44/p62 molecules become restricted in their ability to freely 

diffuse on DNA, similar to XPC (175, 176). This suggests p44/p62 are capable of 

recognising damage in double-stranded DNA, and this leads to molecules either stalling or 

changing from a random walk to confined diffusion around the UV damage.  
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Figure 4.12 The diffusion of p44/p62 is affected by UV damage.  

A) The distribution of diffusing and static p44/p62 molecules is affected by the presence of UV damage 

on the DNA. The values for the figure are shown in the table with average percentages of diffusing and 

static molecules plotted. Error bars are S.E.M using total flow cell repeats.   

B) Histogram of p44/p62 alpha values determined using MSD analysis (described in section 2.18) show 

a leftward shift when the DNA contains UV damage. Example kymographs below demonstrate protein 

movement at each alpha value. A total of 150 molecules in the absence of UV, and 72 molecules in the 

presence of UV damage were used to construct the histogram after being normalised to the total frequency 

in each condition.  
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4.12 p44/p62 has a greater affinity for single-stranded DNA  

In vivo, TFIIH is bound to a double-stranded: single-stranded DNA junction (ds-ssDNA 

junction) around a repair bubble (206, 342, 343). To investigate the binding of p44/p62 to 

this substrate, lambda DNA was ligated with overhanging oligonucleotides to create a region 

of single-stranded DNA flanked by double-stranded DNA (figure 4.13). To localise regions 

of single-stranded DNA, a ligated oligonucleotide with a biotin moiety covalently attached 

to the 5’ end can be labelled with a streptavidin QDOT. As p44/p62 contains a His-tag this 

allows us to use two different wavelength QDOTs to examine the interaction with no risk of 

cross-labelling occurring.  

 

In the DNA tightrope assay the probability of a protein colocalising with a random locus on 

DNA is ~10% (108), anything above this threshold suggests two populations are specifically 

interacting. When p44/p62 molecules were imaged binding to DNA tightropes that contained 

a single-stranded region of DNA, the two different coloured QDOTs colocalised 74.2% of 

the time (figure 4.14 (n = 31)), significantly higher than the 10% threshold, and 

demonstrating that p44/p62 has a high affinity for single-stranded DNA. 

 

 

 

 

 

 

 

 

 

Figure 4.13 The single-stranded lambda substrate. The 12 nucleotide overhang at each end of lambdas 

cohesive ends are used to ligate a 5’ phosphorylated oligonucleotide -ssDNA oligo 1 (blue) and a 

biotinylated oligonucleotide - ssDNA oligo 2 bio (green) (see section 2.12). The ligated oligonucleotides 

create a 38 nucleotide single stranded patch. The biotin on the 3’ of ssDNA oligo 2 bio allows the site 

to be labelled with a streptavidin-QDOT and visualised via fluorescence.  
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Surprisingly, streptavidin QDOTs that are used to identify regions of single-stranded DNA 

were observed diffusing along the DNA tightrope, even when they did not colocalise with a 

labelled p44/p62 molecule (there is an excess of unlabelled protein). Movement of a DNA 

bound oligonucleotide might suggest an unlabelled p44/p62 molecule is able to bind the 

ligated oligonucleotide while diffusing on lambda DNA. Therefore, to distinguish between 

an experimental artefact and a discreet activity of p44/p62 this was investigated further. 

 

 

Figure 4.14 p44/p62 preferentially interacts with 

single stranded DNA.  

 

A) Graph showing the probability of random 

colocalisation between DNA and protein (108) 

and p44/p62’s colocalisation with single-

stranded regions on DNA. Out of 31 single 

stranded DNA patches observed, 74.2% had a 

p44/p62 molecule bound. Errors are S.E.M of 3 

flow cells. 

 

B) Images of p44/p62 (red) colocalising with the 

labelled DNA (green). Image overlays are offset 

to allow clear identification of dual colour 

complexes on DNA.  
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4.13 Single-stranded DNA tightrope additional experiments 

To further investigate the observation that DNA-bound QDOTs were observed moving, a 

series of experiments were carried out. To ensure diffusion of the DNA-bound 

oligonucleotide is not light bleeding through from a p44/p62 molecule (besides the fact that 

not all diffusing molecules colocalised with a labelled p44/p62 molecule) the experiment 

was repeated with unlabelled p44/p62 protein, however DNA-bound QDOTs were still 

observed to diffuse. The non-specific binding of QDOTs to lambda DNA was excluded by 

labelling double-stranded DNA with YOYO-1 (nonspecific DNA dye) that can be excited 

by a 488 nm laser to show the presence of DNA tightropes. A 561 nm laser was then used 

to specifically excite QDOTs (655 nm streptavidin with no protein or DNA attached), no 

QDOTs were observed to bind to lambda DNA, even when the QDOT was conjugated to 

the single-stranded oligonucleotide. To exclude crossover between QDOT labelling, 

p44/p62-His was incubated with streptavidin QDOTs and imaged. The streptavidin QDOTs 

should not bind to the protein and show no binding on DNA. Only one molecule was 

observed binding to DNA after imaging 55 tightropes, showing that there is no crossing over 

of labelling. T4 DNA ligase was used to create the single-stranded gap region on DNA, and 

may be carried over into the flow cell and bind DNA. To eliminate this possibility, T4 DNA 

ligase was incubated with lambda DNA and strung up in a flow cell, the DNA 

oligonucleotide-QDOT was introduced, with no binding to the DNA observed. This was 

repeated with T4 Ligase introduced into the flow cell once the DNA tightropes had already 

been formed, and then adding the DNA oligonucleotide-QDOT. Finally, the T4 DNA ligase 

was incubated with the DNA oligonucleotide-QDOT complex and then introduced onto 

tightropes. In all cases there was no observed binding of the oligo to the DNA, suggesting 

that T4 DNA ligase does not explain the diffusion observed. This suggested that there is a 

specific interaction between p44/p62 and the single-stranded-DNA:QDOT. However, the 

DNA-bound QDOT was observed diffusing even in the absence of p44/p62, although this 

was not reproducible. At the end of these experiments, there was no plausible explanation 

for the observation, and this was not pursued further. The colocalisation of p44/p62 and the 

single-stranded DNA was reproducible therefore the data are included in this thesis.  
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4.14 p62 alone does not bind DNA, but N-p44 does  

Next, we examined the ability of N-p44 and p62 to individually bind DNA in the same 

experimental conditions used for the p44/p62 complex. Experiments with full length p62 

showed no DNA binding in either 10 mM KCl imaging buffer, or 100 mM KCl. Increasing 

concentration of the protein either at labelling, or at the final concentration (~15 nM) had no 

effect on DNA binding. N-p44 that was able to stimulate XPD’s ATPase did bind DNA. The 

single molecule experiments involving N-p44 were carried out by Luke Springall. N-p44 

molecules diffused on the DNA (56.1% n=110), with a diffusion constant of 0.018 µm2/s, 

similar to that of p44/p62. Together these data show p62 does not bind DNA in the 

experimental conditions tested here, but the N-terminal truncation of p44 can, and likely 

contains the DNA binding domain of the p44/p62 complex. 
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4.15 p44/p62 form oligomeric complexes on DNA  

When examining the behaviour of p44/p62 molecules on DNA, we observed that 

kymographs showed fluorescence intensity fluctuations between molecules bound to the 

same tightrope (highlighted in figure 4.15). QDOTs are known to have varying fluorescence 

intensities (344) but as p44 and p62 have a well characterised structural role in TFIIH it is 

possible we are observing multiple molecules interacting on the DNA. If several labelled 

molecules are in close proximity this places multiple fluorescent QDOTs within a single 

pixel, giving an integrated brightness that is observed in the kymographs. 

 

 

 

 

 

 

 

 

 

Figure 4.15 Multiple kymographs showing varying intensities of molecules. Five kymographs are 

aligned and set to the same scale of brightness & contrast using ImageJ. Various types of behaviour 

can be seen in these kymographs, including the fluctuations in intensity across a kymograph. 
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To investigate if p44/p62 formed dimers, one population of p44/p62 molecules was labelled 

with a 565 nm emission QDOT (green), and one population with a 655 nm emission QDOT 

(red) to enable each population to be spectrally separated. Both protein conjugates were 

mixed together and introduced into the flow chamber. However, because unlabelled protein 

represents 2/3 of the sample for each colour, it is difficult to predict the distributions of 

species we expect to observe if 100% of molecules form dimers. Dark protein can form 

dimers with other dark protein, or with a green or red protein. We cannot observe these dark 

dimers (DD) so they are removed from the probability table. However, this over populates 

the predicted observations of GD or RD complexes because every complex is assumed to be 

a dimer, whereas in reality there will be some single colour proteins. This under populates 

the RG population, but the predicted outcomes are show in table 4.2. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Table 4.2 Predictions of complexes formed in a dual colour experiment. A) Assuming all p44/p62 

molecules form dimers, the distribution of complexes observed can be predicted. As only 1/3 of the 

protein of each colour is fluorescently labelled, this must be accounted for as dark protein. Because 

dark-dark complexes cannot be observed they are removed from the probability table in B). This 

increases the GD, DR, and RG populations (Dark-Dark removed column). The experimentally 

observed outcomes are shown in the table. n = 180 total binders from 3 flow cells.  
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In the experiment 24.44% of the total binders colocalise as a dual colour complex on DNA 

shown in figure 4.16, this is highly consistent with p44/p62 forming dimers on the DNA, 

but we are unable to certainly say this because of the dark protein present. However, 

supporting the fact we observe interactions between p44/p62 molecules, we observe single 

colour complexes breaking apart and reforming on the DNA (figure 4.16), suggesting the 

interaction between p44/p62 molecules is dynamic under these conditions.   
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Figure 4.16 Kymograph showing dual colour complexes on DNA.  

One population of p44/p62 is labelled with a 565 nm emission QDOT (green), and one population with 

a 655 nm emission QDOT (red). The kymograph shows a red-green complex diffusing on DNA. A green-

green complex can also be observed with molecules breaking apart, and then re-joining. Colocalisation 

performed using a fiducial marker present in all channels (section 2.16), and a custom written ImageJ 

script to overlay multiple channels.  
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To examine if p44/p62 can form higher oligomeric complexes, a third colour complex was 

added to the experiment. Triple colour complexes were observed diffusing together and 

dynamically splitting apart and reassembling on DNA (figure 4.17). In total, 57 binders were 

observed, and 16 of these had colocalisation. Here the probability of observing a triple colour 

population is more complicated and was not predicted. However, the qualitative observation 

that three different coloured populations overlay and diffuse together demonstrated that 

p44/p62 molecules are able to form higher order oligomeric complexes on DNA.  
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Figure 4.17 Kymographs showing triple colour complexes can form on DNA.  

One population of p44/p62 is labelled with a 565 nm emission QDOT (green), one population with a 

655 nm emission QDOT (red), and a third population with a 605 nm emission QDOT (blue here). The 

top kymograph shows a triple colour complex static on DNA, and then a green labelled molecule 

detaches and starts diffusing on the DNA while a red-green complex remains statically bound. The 

bottom kymograph shows a triple colour complex of red-green-blue diffusing on DNA together, then 

the green-blue complex splits apart and diffuses separately from the red labelled molecule, the three 

then rejoin and diffuse together again. Colocalisation performed using a fiducial marker present in all 

channels, and a custom written ImageJ script to overlay multiple channels.  
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4.16 p44/p62 form a complex with XPD on DNA  

We have observed the stimulation of XPD’s ATPase by p44/p62, showing they are able to 

interact together under these conditions. We wanted to visualise this interaction at the single 

molecule level and investigate how p44/p62 affect the behaviour of XPD on DNA.  

In two independent experiments, XPD was observed colocalising with p44/p62 on DNA 

(figure 4.18). XPD containing the R323/324S mutation (XPDMUT hereafter) was used in this 

experiment as it demonstrated the most consistent and reproducible results in the DNA 

tightrope assay. XPDMUT is unable to bind MAT1 from the CAK complex, but still maintains 

DNA binding. Several colocalising complexes of XPDMUT and p44/p62 were observed; both 

static and diffusing (figure 4.18). Of 11 observed XPDMUT molecules, 6 were in complex 

with p44/p62, and of these, only 2 were static (table 4.3). Further experiments were unable 

to be performed due to the reproducibility of XPDMUT and wild-type XPD’s ability to bind 

and diffuse on DNA, and these data are not included in this thesis.  

 Number of molecules 

XPDMUT binders 11 

p44/p62 binders 19 

Colocalising XPDMUT :p44/p62 6* 

 

 

 

 

 

 

 

 

 

 

 

 

 

Table 4.3 Number of molecules forming a complex between p44/p62 and XPDMUT.  

* = 4 of the colocalising molecules were static. 
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Figure 4.18 Kymographs and images of p44/p62 and 

XPD
MUT

 colocalising on lambda DNA. 

 

A) Kymographs showing diffusion of XPD
MUT

 

(R323/324S) molecules in a complex with p44/p62 

molecules. The top kymograph shows a dual colour 

complex, and a single colour (red) p44/p62 molecule 

diffusing on DNA. The bottom kymograph shows a 

XPD
MUT

 (blue) molecule diffusing, and a p44/p62 

molecule (red) binding from solution, and the two 

diffusing together as a heterotrimeric complex.  

 

B) Images showing p44/p62 (red) and XPD
MUT

 

molecules colocalising on lambda DNA. Several 

multicolour complexes can be seen in the images, as 

well as multiple single colour images. Both XPD
MUT

 

and p44/p62 possess his tags, so cross-over between 

the labels cannot be excluded. All images shown here 

were formed in the absence of ATP, as this increased 

the diffusion of XPD
MUT

.  

A 
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Discussion 

In this chapter a complex of two relatively unstudied subunits of fungal TFIIH has been 

observed. To our surprise, the p44/p62 complex diffuses on double-stranded DNA and 

preferentially colocalises to single-stranded DNA. Additionally, when the DNA is damaged 

by UV irradiation we see fewer p44/p62 molecules diffusing on the DNA. Our data suggest 

that the p44/p62 complex might act as an anchor to keep TFIIH tethered to the DNA repair 

bubble and may also be involved in XPD’s ability to discriminate between damaged and 

undamaged DNA. The interaction and physiological relevance of the p44/p62:XPD 

interaction is currently under further investigation. 

4.17 p44/p62 stimulate XPD’s ATPase and aids damage verification 

The observation that p44/p62 was able to stimulate the ATPase of XPD to the same level as 

N-p44 on undamaged DNA substrates was unexpected. The N-p44 truncation was 

previously observed to accelerate XPD’s ATPase on some substrates (207). However, the 

p44/p62 construct used here contains full length, active p44 in complex with p62. This 

complex contains additional p44 residues not present in N-p44, it was therefore expected 

these residues may affect the acceleration of XPD’s ATPase (177, 207). The physical 

interaction between p44 and XPD can be seen in figure 4.19 where the vWA domain of p44 

contacts the helicase domains of XPD.  

 

 

 

 

 

 

 

 

 

 

Figure 4.19 Cryo-EM structure of human p44 and XPD in TFIIH. XPD is shown as a surface plot and coloured 

by domains as seen previously. p44 is shown in cartoon representation, with the vWA fold (highlighted) 

contacting XPD in the HD2 domain. Structure created in PyMol from PDB: 6NMI (239). 
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p44/p62 stimulated XPD’s ATPase two-fold more than N-p44 alone on damaged, double-

stranded DNA. Whereas, N-p44’s acceleration of XPD’s ATPase is unchanged between 

damaged and undamaged DNA. This suggests that the addition of p62 to p44 enhances either 

damage detection or damage verification by XPD. The origin of this enhancement is unclear; 

it may result from the full length p44, p62, or be a novel activity associated with the p44/p62 

complex as an entity – similar to the stimulation of XPB’s ATPase by p52 and p8 (184). p62 

alone can be purified, but its activity is not well defined, we observe no stimulation of XPD’s 

ATPase, and no DNA binding in our assays. This could be because p62 requires the presence 

of p44 or other proteins to successfully fold. Purification of active p44 requires co-

purification with p62 and this may suggest both of these proteins require assistance to fold 

correctly. Intrinsically disordered proteins have been shown to form stable 3D structures 

upon binding to a specific target ligand (345) and this may explain why the co-purified 

p44/p62 complex can act as an entity to stimulate XPD whereas p62 alone cannot. 

4.18 p44/p62 bind to DNA independently of TFIIH 

Both p44 and p62 contain putative DNA binding domains (318, 334). Here, the ability of N-

p44 to bind DNA in the tightrope assay has been shown (Luke Springall, unpublished 

observations) while we find p62 does not bind DNA under our experimental conditions. We 

show that a full length complex of p44/p62 is capable of binding to double-stranded DNA 

where it slides along the helical backbone. This observation suggests p44/p62 contacts DNA 

through the p44 subunit; however it is possible that additional DNA binding sites are formed 

when these proteins are fully folded together as a complex. Furthermore, experiments using 

single-stranded DNA showed the oligonucleotide-bound QDOT diffusing on the DNA, 

although the cause of this was not identified, it is possible the diffusion was caused by an 

unlabelled p44/p62. The observation that these subunits are capable of interacting with DNA 

may be relevant for the formation of TFIIH. It has previously been suggested that p44 and 

p34 form the base of TFIIH that recruits the other subunits to form the full complex (177, 

321). Our data would suggest that if p44 is important for the formation of TFIIH, then this 

likely involves p44’s partner, p62, which has also been shown to form many protein-protein 

contacts from the anchor domain (177).  
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4.19 p44/p62 may recognise disrupted base pairing  

In vivo, the roles of p44 and p62 are not clear, evidence shows they are necessary for repair, 

stimulating XPD’s ATPase, and forming protein-protein contacts, but these are not well 

defined. We observe the p44/p62 heterodimer sliding along DNA alone, and in a complex 

with XPD. This p44/p62-XPD complex may be capable of scanning the DNA for damage. 

When DNA tightropes are damaged with UV irradiation we observe a clear change in 

p44/p62’s behaviour. There is a decrease in the number of molecules diffusing and the 

appearance of a population that undergoes confined diffusion, similar to XPC; XPC has been 

shown to switch to confined diffusion upon detecting disrupted base pairing, and this is 

thought to recruit TFIIH to the DNA (175, 176). The interaction of p44/p62 with single-

stranded DNA is similar to the observations with UV damaged DNA and could be p44/p62 

recognising the single-stranded DNA exposed around the distorted base pairing, again 

similar to XPC (175, 176). The colocalisation of p44/p62 with single-stranded regions of 

DNA shows the complex has a high affinity for a substrate similar to the repair bubble 

created when XPD unwinds DNA around a lesion. These data, supported by the acceleration 

of XPD’s ATPase on a damaged or single-stranded DNA, and the observed interaction with 

XPD suggest p44/p62 is recognising disrupted base pairing and stalling. This stalling may 

then recruit XPD to the DNA near the lesion. However, there is currently no evidence that 

p44/p62 or XPD exist outside of the TFIIH, only the fact that in archaea TFIIH does not 

exist, but XPD is capable of detecting and verifying damage alone (346).  
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4.20 p44/p62 binds as a dynamic complex to the DNA  

Labelling multiple populations of p44/p62 allowed us to visualise oligomers and the 

dynamics of this complex on DNA. The ability of p44 and p62 to dimerise is not unexpected, 

due to the propensity of the vWA and anchor domains to form protein-protein contacts 

within TFIIH; with the vWA domain having previously been implicated in dimerization 

(159, 177, 316, 318-321). Here, where the p44/p62 complex is isolated they are left ‘free’, 

enabling them to interact with each other whereas in TFIIH they would be bound to their 

partners. Multiple molecules of p44/p62 were observed coming together and diffusing as a 

complex, and then breaking apart, diffusing on their own and then re-joining other molecules 

in a complex (figure 4.20). The dynamic behaviour on DNA may be related to recruiting 

TFIIH factors to the DNA and is similar to the telomeric maintenance proteins TRF1 and 

TRF2 that search DNA independently, but have a higher affinity for their target  when they 

are in a complex together (347).  
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Figure 4.20 dynamic oligomers of p44/p62. Four separate kymographs showing the dynamic behaviour 

of p44/p62 molecules on DNA. Kymographs have been taken from several figures in this chapter that 

show the dynamic behaviour of binding and releasing from a complex is clear  
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The observation that only ~24% of imaged complexes are dual colour can be explained by 

the excess of unlabelled protein, where the dark protein forms the majority of dimers that we 

cannot observe in our assay. Dark protein will also form dimers with fluorescent protein, 

which would then appear as monomeric. There is also the unknown equilibrium transition 

from monomer to dimer, and higher oligomeric states that contribute to a low overall % of 

dual colour complexes on DNA. Fortunately, the dynamic behaviour of p44/p62 is an 

advantage as we can see complexes of ‘one colour’ splitting apart and joining other 

molecules on DNA – further confirming these complexes contain multiple p44/p62 

molecules. 

4.21 p44/p62 slide along the backbone  

Videos of p44/p62 diffusing on DNA allowed us to analyse the behaviour of individual 

protein molecules. By calculating the diffusion constant and alpha values we can describe 

the interaction of p44/p62 with DNA. The diffusion constant was unchanged between high 

and low salt conditions, suggesting the protein remains in contact with the DNA and does 

not bind and release as it would in a hopping-type interaction. As we would expect for an 

electrostatic interaction with DNA, increasing the salt concentration decreases the number 

of proteins observed binding to DNA, by disrupting the interaction between the protein and 

the DNA backbone (263). The alpha value tells us that p44/p62 freely diffuses on DNA in a 

random walk, independent of the salt concentration (109). Using approximate values for the 

dimensions of QDOT-labelled p44/p62 and the Schurr model, we can predict the diffusion 

constant if p44/p62 hops along DNA or if it follows the helical backbone of DNA (269). We 

find a rotation-coupled mechanism fits our data well, with the hopping diffusion constant 

several orders of magnitude faster than we observe. If the drag from the large QDOT label 

is removed from the diffusion constant, the speed of unlabelled p44/p62 can be determined 

(well described elsewhere (348)). Using the equations in section 4.19 and removing the 

added radius of a QDOT to model p44/p62 alone, the diffusion constant accounting for 

rotation-coupled diffusion is approximately 0.26 µm2/s. This value is an order of magnitude 

larger than the values we observe when labelled with a QDOT, but is still far closer to our 

data than a hopping mechanism. Although the QDOT label does affect the speed the protein 

diffuses, we have demonstrated it does not affect the stimulation of XPD’s ATPase (section 

4.8), nor does it affect the ability to bind DNA.  
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Interestingly, N-p44 was able to bind and diffuse on double-stranded DNA, with a diffusion 

constant similar to p44/p62. This suggests that part of the zinc binding domain in p44 is 

capable of binding to DNA, and this is the mechanism for p44/p62 binding to DNA. The 

missing domains in p44 may alter the interaction with DNA, and we are unable to distinguish 

this because of the difficulty purifying active, full length p44 without p62. Imaging p62 alone 

we did not observe any DNA binding under our assay conditions but this may be due to 

incorrect protein folding as discussed in section 4.17.  

4.22 XPD forms a complex with p44 & p62 

We attempted to show that XPD and p44/p62 are able to form a complex on DNA tightropes, 

but this was difficult due to the poor reproducibility of both XPD and XPDMUT. Both 

XPDMUT and p44/p62 have His-tags and are labelled using anti-His antibody, and IgG 

QDOTs – therefore we cannot exclude the possibility of crossover between these molecules 

being observed instead of a real XPD:p44/p62 complex. Additionally, there were great 

difficulties getting this experiment to work. The behaviour of XPD on DNA tightropes was 

not reproducible, with batch-to-batch variation of protein and its ability to bind DNA. 

XPDMUT appeared to be more reliable and was therefore used in this experiment. The 

mutation in the arch domain of XPDMUT is not thought to affect any interaction with p44, 

p62, or compromise XPD’s ability to bind DNA. Although the statistics suggest a high 

percent colocalisation of XPD and p44/p62, this is skewed by the fact that few videos were 

captured on DNA, and these observations do not detract from complexes actually observed 

– i.e. you cannot observe what you cannot see. The few observations of XPD:p44/p62 may 

be due to the low protein concentrations used in single molecule experiments. The KD value 

for the interaction is currently unknown, but could explain the few complexes observed. In 

the bulk biochemical assays the concentrations of proteins are much higher (100 nM) and 

here a complex may be forming more readily, explaining the stimulation of XPD’s ATPase. 

Additionally, interactions between XPD and p44/p62 are seen using higher concentrations 

of protein in gel based assays and during purification (Dr. Jochen Kuper), which along with 

the ATPase, helicase, and single molecule data support the existence of a XPD:p44/p62 

complex. 

 

 

 



146 

 

 

4.23 p62’s position in DNA-bound TFIIH 

In the most recent TFIIH:DNA structure the orientation of the DNA being passed from XPD 

to XPB exposes a single-stranded region towards the HD2 domain of XPD (figure 4.21) 

(208), this could allow p44/p62 to interact with the translocating strand of single-stranded 

DNA where they can stall upon detecting damage and trigger XPD to verify the presence of 

damage. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.21 Cryo-EM structure showing DNA passed from XPD to XPB. The DNA-bound cryo-EM structure 

of TFIIH shows the DNA (orange) being passed from XPD’s helicase domains (HD1 magenta, HD2 red) to 

XPB (dark blue) after being unwound by the Fe-S domain (light blue). The arch domain of XPD is shown in 

green and the iron-sulphur cluster is shown as space fill atoms. The remaining TFIIH subunits apart from p44 

(yellow) are shown in grey for clarity. Structure created in PyMol using PDB:6RO4 (208). 
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In the Greber 2019 structure ~ 20 residues of p62 are occluding the DNA and nucleotide 

binding residues in XPD’s helicase domains (figure 4.22); although this is in transcriptional 

TFIIH where MAT1 is inhibiting XPD’s helicase activity via the Arch domain (239). 

However, this may indicate that p62 has a role in regulating either DNA or nucleotide 

binding to XPD. Unfortunately, in the TFIIH structure loaded on DNA, the position of p62 

is not assigned in the final structure (208). However, in the initial electron density maps there 

is a density that overhangs the HD2 domain of XPD but is removed in the final structure 

(figure 4.22). It is possible this is part of p62, the position of the density would place p62 in 

a region where it would be able to interact with the helicase domains of XPD, and the single-

stranded DNA. It is therefore conceivable that p62 contacts the DNA and XPD, while p44 

makes extensive contacts with the HD2 domain of XPD (figure 4.22). In this model, we 

suggest that p62 would chaperone and support the binding of DNA to XPD, while also 

contacting the helicase and arch domains, all of which are important for XPD’s helicase 

activity (159, 207). These contacts provide an explanation for p44/p62 interacting with 

single-stranded DNA, XPD, and stimulating XPD’s ATPase. Additionally, the helicase 

assay data show that on undamaged DNA XPD successfully unwinds more substrate with 

p44/p62 than with N-p44. This could be due to the addition of p62 keeping XPD engaged 

with the DNA, increasing the number of successful unwinding events, Further supporting 

this, p62 is required for DNA repair (331) and the yeast homologue, Tfb1 is necessary for 

cell viability. Truncations in Tfb1 cause a specific defect in NER and sensitize yeast to UV 

irradiation (326, 349). Mutations in XPD, p44 or p62 could therefore disrupt the vital damage 

verification step in NER and cause disease.  
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Figure 4.22 Comparing the recent cryo-EM structures of TFIIH. A) When TFIIH is in the DNA bound state 

p62 cannot be assigned (208). However, when examining the unassigned electron density map of the DNA-

bound structure (transparent blue shown as surface density) this looks similar to the position of p62 (teal) in 

transcriptional TFIIH (239). This suggests this electron density represents a part of p62.   

 

B) Closely comparing the two structures, the DNA bound TFIIH shows an unassigned electron density 

(transparent blue shown as a surface density) overhanging XPD’s HD2 domain (red) and interacting with a 

loop of HD1 (magenta) and close to the Arch domain (green). In this position the electron density is in close 

proximity to the single-stranded DNA (orange) bound to XPD’s helicase domains. In the transcriptional TFIIH 

structure a loop of p62 (teal) sits in the DNA binding site of XPD where it would block the path of DNA. The 

HD1 loop is in close proximity to p62 and this seems to agree well between the two structures.  

 

The DNA-bound TFIIH structure was constructed using the electron density map from PDB:6RO4 as a 

transparent surface plot overlaid with the final structure shown in cartoon format and coloured by XPD domain 

(208, 248). The transcriptional TFIIH structure was constructed using PDB:6NMI as published in (239); shown 

as either surface density or as cartoon. XPD is coloured by domain, p44 is shown in yellow, and p62 in teal. 

Remaining TFIIH subunits of both structures are shown in grey for clarity, or removed from the figures here.  
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4.24 Summary & hypothesis 

In this chapter the contribution of p44 and p62 to DNA repair has been examined. We find 

p44/p62 form a dynamic complex that is able to interact with DNA and XPD. Using bulk 

biochemical studies we show p44/p62 stimulates XPD’s ATPase more on damaged DNA 

than undamaged DNA, demonstrating p44/p62 has an active role in DNA repair. Using DNA 

tightropes we have shown p44/p62 slides along the DNA backbone at a velocity limited by 

rotation-coupled diffusion, but p44/p62 molecules stall upon interacting with single-stranded 

DNA or UV damage. These results identify a novel DNA binding domain within the TFIIH 

complex and support a hypothesis where p44/p62 aid XPD in detecting and verifying DNA 

damage in a single-stranded substrate as it is unwound and passed to XPB.  
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4.25 Future work on p44/p62 

To further demonstrate the existence of a p44/p62:XPD heterotrimer a different purification 

tag needs to be used for XPD. Section 4.16 showed colocalisation of XPDMUT and p44/p62, 

but these proteins both have His-tags meaning that cross-labelling can occur. To improve 

this experiment, wild-type XPD should be purified with an Avi-Tag that can be labelled with 

biotin, and then conjugated to a streptavidin QDOT. This will allow proper colocalisation of 

these proteins on the DNA tightropes. Will p44/p62 be able to load XPD onto the DNA? 

Will p44/p62 act catalytically in loading XPD on the DNA? Will p44/p62:XPD form static 

complexes engaged with the DNA but not able to diffuse? Will p44/p62 enhance XPD’s 

ability to recognise damage? These are all exciting questions that have the potential to be 

answered using differentially labelled XPD and p44/p62.  

 

We observe the p44/p62 complex independently binding to DNA, identifying a novel DNA-

binding entity in TFIIH. How p44 or p62 contact the DNA is currently unknown, both have 

putative DNA binding domains (316, 318), however, N-p44 is observed binding to DNA, 

suggesting this domain contains the DNA binding site. However, in the Kokic et al cryo-EM 

structure of TFIIH p44 is some distance from the DNA, and it is not clear how p44 might 

interact with the DNA from this structure. An electron density discussed in section 4.23 

might define p62 in a position where it can interact with the single-stranded DNA bound to 

XPD, however further work including more structures is needed to confirm this. 

Interestingly, p62 alone does not bind DNA but this is possibly because p62 needs additional 

proteins to correctly fold, and this may expose additional DNA binding domains that will fit 

in with the TFIIH-DNA structure. 

 

The structure of p44/p62 needs to be broken down into fragments to identify which parts 

could interact with DNA, and which residues contact XPD in the heterotrimeric complex. 

Using the recent cryo-EM structures and crosslinking data, positively charged residues can 

be identified and mapped onto the structures to see if they are in close proximity to the DNA. 

Once specific parts of p44/p62 have been associated with activities such as DNA binding 

and crucial for stimulating XPD, site-specific mutants should be designed and then 

reconstituted into TFIIH. This will allow the individual activities observed to be placed in 

context of TFIIH. This will really expose the direct role of p44/p62 and the consequences 

for NER and transcription if these subunits are mutated.  



152 

 

 

The helicase assay works by having Cy3 and a fluorescence quencher (Dabcyl) in close 

proximity at the 3’ end of the translocating strand, as XPD unwinds the DNA, the Cy3 and 

Dabcyl are separated, and the quenching of Cy3 is relieved, causing an increase in 

fluorescence output. To expand on the helicase assay several additional experiments should 

be performed. We observe an increase in XPD’s ability to unwind the DNA in the presence 

of p44/p62, versus N-p44. We suggest this is most likely due to p44/p62 supporting DNA 

bound to XPD and a subsequent increase in processivity. Unfortunately, when the DNA 

substrate is damaged there is no unwinding observed, probably because XPD is stalled on 

the lesion, preventing further translocation and unwinding of the DNA. To investigate 

XPD’s interaction with damage in this assay the Fe-S cluster of XPD can be used instead of 

the Dabcyl. Previously it has been shown that the Fe-S cluster quenches fluorescence in a 

distance dependent manner (197, 209). On a DNA substrate where Cy3 is located several 

bases away from the damage, the position of XPD can be determined by the fluorescence 

intensity. This assay can be performed in bulk, or at the single molecule level with DNA 

immobilised on a glass coverslip. This assay will be able to show if XPD is stalled on the 

lesion, and how N-p44, or p44/p62 affect XPD’s interaction with damage.  

 

Furthermore wild-type XPD should be investigated for its ability to recognise a fluorescein 

lesion placed on DNA tightropes, this can be placed either in double-stranded DNA, a bubble 

substrate, or potentially in single-stranded DNA. The ability of XPD to recognise damage in 

these substrates can then be directly observed. This has previously been investigated in bulk 

assays using archaeal XPD (200), however using fungal XPD and using single molecule 

techniques the kinetics of XPD’s interactions with the DNA can be determined, such as 

lifetime, relative affinity for damage in different substrates, and how this is affected by 

additional proteins such as p44/p62. Does XPD alone stall at a lesion only in a bubble? Does 

the addition of p44/p62 increase XPD’s stalling at a lesion in a specific substrate? Do 

p44/p62 find the lesion first and then recruit XPD from solution, or is XPD able to find the 

damage without p44/p62?  

 

These experiments will support the results and allow further discussion of the data shown in 

this chapter in context of TFIIH, the broader picture of the data in this chapter is discussed 

further in section 5.3. 
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Chapter 5 

Overall discussion 
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5.1 Combining techniques enhances our understanding of the data 

The results in this thesis have examined the mechanism of how DNA is repaired by the NER 

pathway in both prokaryotes and eukaryotes. Using a powerful combination of biochemical 

and single molecule methodologies has allowed us to cross-examine the data and use this to 

suggest models of how these NER proteins detect damage and contribute to DNA repair.  

5.2 Discussion of UvrA’s ATPase 

5.2.1 Clearing up controversy 

In chapter 3 the conflicting studies on UvrA’s ATPase are discussed (section 3.3), 

most literature in the field has drawn conclusions based on catalytically dead mutants of 

each ATPase site; this likely explains conflicts between these studies. For example, the 

K646A mutant clearly affects UvrA’s structure, causing aggregation and inclusion body 

formation (106, 293) but despite this, it is still used. We avoid the use of both K37A 

and K646A mutants due to these inconsistencies; instead using full length UvrA that is 

active in DNA repair. Using single molecule fluorescence imaging we directly visualised 

individual UvrA molecules binding to DNA, and how this is affected by nucleotide and the 

presence of UV damage. Combining the single molecule data with bulk phase 

biochemical experiments enabled us to show ATP turnover is necessary for UvrA 

releasing from DNA, previously shown using filter-binding assays (90, 101, 102). While it 

has been known that ATP is crucial for NER to occur (99, 120, 293), the exact role in each 

step of the pathway is unknown. We used a more direct approach to examine this. We 

showed that ATP is required for UvrA to find damage through repeated cycles of 

turnover at the C-terminal ATPase site, and that discriminating damage requires turnover 

at the N-terminal ATPase site (figure 5.1). We then used nucleotides such as ADP and 

ADP Pi that cannot be studied in vivo. We found that in the presence of ADP or ADP Pi 

UvrA can still bind DNA, consistent with previous studies (90, 101, 102, 106, 307), 

however, we observed few bound molecules, and these remained attached for a long time, 

suggesting UvrA’s dimerization is impaired, or that UvrA-ADP has a very low affinity for 

DNA.   
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However, despite the use of biochemical and single molecule experiments we were unable 

to explain the changes in UvrA’s ATPase upon the addition of undamaged DNA. Some 

groups observe an increase (97, 102) and some a decrease (99, 120). We observed a DNA-

stimulated ATPase, but no further stimulation by damaged DNA, whereas a recent study 

showed additional stimulation on damaged DNA (303). It is interesting how this might occur 

in relation to the lifetimes we observed at the single molecule level. A decrease in ATPase 

activity on undamaged DNA suggests UvrA would remain bound to the DNA for longer (99, 

120), perhaps caused by incidental damage to the DNA or the use of thermophilic protein. 

Alternatively, this suggests UvrA’s hydrolysis of nucleotide is inhibited while bound to the 

DNA; we observed the opposite, with good agreement between our single molecule and 

biochemical data. The further acceleration of UvrA’s ATPase in the presence of damaged 

DNA (303) may suggest a second site is activated, but that this hydrolyses ATP at a faster 

rate than the first site, but again we do not see any suggestion of this here, and seems unlikely 

considering the similarity of the ATPase sites (294, 295). 

5.2.2 Support for the two-site hypothesis 

We observed a longer attached lifetime in the presence of UV damaged DNA but the same 

rate of biochemical ATP turnover. This suggests the second ATPase site is being inhibited 

by the first site on undamaged DNA and highlights the negative cooperativity shown 

previously (120, 292, 293, 297). Reconciling our data with the literature suggests the site 

that turns over ATP on undamaged DNA can be assigned to the C-terminal site and that the 

damage activated ATPase site is the N-terminal site (figure 5.1). Instead of DNA damage 

directly accelerating UvrA’s ATPase there is likely a conformational change that leads to 

the second ATPase site being activated. This is supported by UvrA’s broad damage detection 

capability, the two-site hypothesis and a recent study that crosslinks UvrA’s zinc fingers 

(302). Furthermore, we directly observe a behavioural change in UvrA that only occurs when 

the DNA has been UV irradiated; it will be interesting to see if UvrA’s ATPase changes 

when interacting with different types of DNA damage, do more distorting lesions accelerate 

turnover? Or cause a larger conformational change that accelerates the recruitment of UvrB? 

If this is the case it may explain some of the discrepancies between studies that use different 

DNA damage substrates. 
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Assuming the N-terminal ATPase site is activated in the presence of damage, this site would 

then be responsible for signalling damage to UvrB (figure 5.1). The recruitment and loading 

of UvrB is still disputed and should be investigated (discussed in section 3.25). The presence 

of UvrB on DNA is a critical step in NER and is necessary for the incision of DNA damage 

from the DNA (129). The strong negative cooperativity between the two ATPase sites 

suggests that turnover at the second site is tightly controlled, possibly to prevent excessive 

loading of UvrB onto the DNA. If UvrB is continually loaded onto the DNA in an attempt 

to verify damage this may trigger a stress response from the cell (96, 105, 124), as well as 

causing longer lived roadblocks that affect transcription and DNA replication. This negative 

cooperativity also provides a point of regulation, so that only when base pairing is 

significantly disrupted does this facilitate ATP hydrolysis and lead to UvrB loading. These 

data fit well with the two-site hypothesis proposed by Myles and Sancar and strengthens this 

as the current model (119, 120, 293).  

5.2.3 ATP in the UvrAB complex 

So far we have studied UvrA alone; however UvrA is capable of forming a complex with 

UvrB. It is still not entirely clear if the UvrAB complex exists in solution, or forms on the 

DNA once damage has been detected by UvrA (96, 102-104, 109). Furthermore, it is not 

known if the UvrAB complex searches for damage in vivo. Although these questions have 

not been resolved, the data in this thesis open up many questions about the UvrAB complex, 

for example; how does UvrA’s C-terminal ATPase contribute to a UvrAB complex that 

electrostatically slides along the DNA? Within the AB complex, does the second site trigger 

UvrA’s release from the DNA? Future work should try and resolve these questions through 

careful kinetic analysis, and the generation of new mutants (see section 3.25), these questions 

will give a much deeper understanding of how UvrA’s ATPase functions in damage 

detection and into verification of damage.  
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Figure 5.1 Model of UvrA’s ATPase and the loading of UvrB onto DNA. 

In the absence of damage UvrA turns over ATP at the C-terminal site (in each monomer) and then 

detaches from DNA in an interaction lasting around 1 second. In the presence of DNA damage UvrA 

hydroylses ATP at the C-terminal site, but the presence of DNA damage activates the N-terminal 

ATPase site to turnover (again, in each monomer) and this keeps UvrA attached to the DNA. The 

second round of hydrolysis occurs after the first site has turned over, and is likely important for 

recruiting and loading UvrB onto the DNA  
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5.2.4 UvrA’s sequential ATPase  

UvrA’s ATPase presents a difficult kinetic problem. Because both ATPase sites were copied 

through evolution (294, 295) they are structurally similar and seem to turn over with a very 

similar rate constant, supported by the steady state ATPase data. This makes separating the 

function of each site difficult, as mutating one site seems to abolish all ATPase activity, or 

severely affect protein function (120, 293, 303). When there was no increase in ATPase 

activity on damaged DNA it was difficult to rationalise what might be occurring. It suggested 

that either UvrA cannot discriminate damage, or that DNA damage does not affect the 

ATPase, which seems unlikely considering we showed a change in affinity for ATP (section 

3.9). However, using a combination of bulk and single molecule techniques we showed the 

lifetime on DNA changes most likely due to activation of the damage sensitive ATPase site, 

whereas on undamaged DNA the lifetime equates to a single turnover of ATP in the C-

terminal ATPase site before detaching from DNA. The results presented in this chapter show 

an example of a DNA repair protein with a negatively cooperative ATPase. This has also 

been shown for MutS (350), and therefore might represent a common evolutionary path for 

regulating the recruitment of further verification factors to the DNA that might be harmful 

if not tightly controlled. 
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5.3 Discussion of p44/p62 

5.3.1 p44 and p62 have a critical role in TFIIH 

Chapter 4 investigates two subunits of the major transcription factor TFIIH and their role in 

regulating XPD, the key helicase in eukaryotic NER that verifies damage before excision 

takes place. Mutations that disrupt XPD’s activity cause diseases such as XP (157, 158, 329). 

We are not currently aware of any clinical cases exclusively caused by a mutation in either 

p44 or p62. This lack of clinical cases is likely caused by a lethal phenotype, although p62 

mutants have been shown to cause UV sensitivity in flies (351) and reduce the cellular 

concentration of TFIIH (352). It is known p44 is critical for XPD’s activity, and disruption 

of the XPD-p44 interaction causes XP (159, 207). Here, we show that p44/p62 provide 

additional stimulation to XPD and most likely aid with damage verification, this suggests 

p62 is important and might show a lethal phenotype when mutated, especially as it forms 

many protein-protein interactions that stabilise TFIIH (177, 352). It would be interesting to 

take the crosslinking studies from Luo et al and the two high resolution cryo-EM structures 

(208, 239) to define the interacting residues between p44, p62 and XPD and p44/p62 to see 

if these are observed to be mutated in clinical cases and what the phenotype is. This may 

also provide evidence that p44 and p62 are important for transcription, as mutations affecting 

TFIIH’s role in transcription are frequently associated with neurological defects (247).  

5.3.2 Do p44/p62 have a role in transcription? 

In the transcriptional TFIIH structure a loop of p62 sits in XPD’s DNA binding site, 

presumably preventing XPD interacting with DNA; which is not required for transcriptional 

activities of TFIIH (239, 253). This suggests p62 is involved in regulating XPD’s interaction 

with DNA, or possibly XPD’s ATPase. p62 sits in close proximity to the ATP binding site 

within the helicase domains and this may be a mechanism of regulating DNA binding to 

XPD. This interaction should be explored further in the future using purified TFIIH proteins 

in a transcriptional assay, where the effect of p44 and p62 on XPD can be directly measured. 

Eventually a high resolution map of TFIIH bound to DNA in both NER and transcriptional 

roles will presumably answer many questions discussed here and provide a basis to generate 

mutants that can be reconstituted in TFIIH to examine p62’s specific role in repairing DNA 

and in transcription.  
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5.3.3 p44/p62 may act as a damage sensor in TFIIH 

When DNA used to make tightropes was damaged by exposure to UV irradiation, p44/p62 

molecules stalled at specific locations, suggesting they could be recognising damage. This 

stalling also occurred on single-stranded regions of DNA. These features are remarkably 

similar to XPC, the main damage recognition protein in eukaryotic GGR (83, 161-163). 

These data might suggest that p44/p62 is capable of sliding along DNA and stalling at 

exposed single-stranded DNA or damage. A recent study showed XPC performs confined 

diffusion around a lesion, and this has been shown to enhance recruitment of TFIIH to the 

DNA (163, 175, 176, 178). We also observed a population of p44/p62 molecules that 

performed confined diffusion when the DNA contained UV damage. From the electron 

density maps it seems p62 contacts XPD’s helicase domains (208). Here p62 could 

chaperone the path of the DNA through to XPB, this could prevent the DNA from being 

released by XPD, and explain why helicase activity was accelerated in the presence of 

p44/p62 but not N-p44. As there is no evidence p44/p62 would exist outside of the TFIIH 

complex, we suggest a model where p44/p62 act as a damage sensor within TFIIH. Here, 

p44/p62 could lock the DNA into XPD and detect damage in the unwound DNA, the 

presence of damage would stall p62 and trigger XPD to verify the presence of damage.  

5.3.4 p44 and p62 are more than just structural 

The results from this chapter show that p44, and more so p62 are not just structural subunits 

in TFIIH, but they likely have a role in modulating TFIIH’s ability to verify DNA damage. 

These novel interactions within TFIIH may be relevant for our understanding of how DNA 

damage is detected and verified before incision takes place. However, much more work on 

the mechanism behind this, and the potential relevance for this interaction in transcription 

still needs to be explored. In general, the discovery that these proteins are capable of binding 

DNA and can modulate the activity of XPD is intriguing, having previously been designated 

as structural subunits. This therefore calls for further investigation of other subunits in 

TFIIH, such as p52 and p8 that have been shown to regulate XPB in a similar manner (184), 

but also for other multiprotein complexes where subunits are designated as structural without 

being properly characterised.  
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5.4 The conserved mechanisms between NER in both organisms 

Single molecule studies use a reductionist approach to look at complex systems. By looking 

at the individual components, details about the proteins activity and function can be 

understood, and then built up into the overarching pathway. Both the prokaryotic and 

eukaryotic NER pathways share a common mechanism, but the eukaryotic pathway involves 

more proteins. The eukaryotic proteins have more defined roles whereas the prokaryotic 

proteins generally carry out multiple functions conveyed by their eukaryotic counterparts; 

these multi-functional proteins allow resources to be conserved in these simpler organisms. 

For example, UvrA finds damage in the genome and then recruits UvrB to verify the damage. 

In eukaryotes damage is found by the XPC-Rad23b complex, but requires UV-DDB to locate 

damage in chromatin (353). These proteins then recruit the multi-subunit TFIIH complex to 

the DNA. Verification of the damage is similar as UvrB is analogous to XPD, sharing 

helicase motifs and both being important in controlling incision by endonucleases. However, 

XPD requires p44, and as we propose here, p62 to efficiently locate or verify DNA damage. 

Interestingly, archaeal XPD functions without TFIIH, and instead acts independently to 

verify damage, similar to UvrB (159, 196, 207, 354). The contrasting delegation of roles 

from prokaryotic to eukaryotic likely evolved through time, necessary for dealing with a 

broad range of DNA damage, but requiring careful regulation to prevent unwarranted DNA 

incision that is harmful to cells. 

In conclusion, the work in this thesis sets the basis for a deeper investigation into how 

nucleotide excision repair proteins verify damage and the underlying mechanism of this, and 

overall how this contributes to cellular survival. This is not the end. It is not even the 

beginning of the end. But it is, perhaps, the end of my PhD.   
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Appendix I 

T4 DNA Ligase’s dissociation 

from DNA 
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Appendix 1 – T4 DNA Ligase’s dissociation from DNA 

Unpublished data from our lab (collected by Dr Nicola Don) showed that to prevent T4 DNA 

Ligase from ligating DNA ends together, the salt concentration of the solution needs to be 

raised above 800 mM (figure A.1). In experiments where T4 Ligase was used to ligate 

lambda molecules or oligonucleotides together before creating DNA tightropes, the solution 

was made to above 800 mM salt to dissociate the ligase before creating DNA tightropes.  

Figure A.1 T4 DNA Ligase dissociation from DNA. 

Agarose gel showing the concatemerisation of linearised pUC19 plasmid DNA by T4 DNA 

Ligase, and the inhibition of this activity at salt concentrations above 800 mM (lane 12).  350 ng 

of DNA per lane after 30 minutes of ligation in various salt concentrations in the presence of 15% 

PEG6000. Gel and experiment performed by Dr. Nicola Don. 
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Appendix II 

Purity of TFIIH proteins used in 

this thesis  
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Appendix II – Purity of TFIIH proteins used in this thesis 

The purity of all TFIIH proteins used in this thesis are shown below in SDS-PAGE gels. 

BSA is included on each gel as a concentration standard.  

Figure A.2 SDS-PAGE gels of purified TFIIH proteins. 

Increasing masses of each TFIIH protein used in this thesis were run on a 10% SDS-PAGE gel 

and stained with coomassie. The molecular weight standards are indicated along with the expected 

mass of each product, and a standard of BSA for comparing relative concentrations.  
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Understanding the coupling between DNA damage
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molecule kinetics
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ABSTRACT: Nucleotide excision repair (NER) protects cells against diverse types of DNA damage, principally UV
irradiation. In Escherichia coli, damage is recognized by 2 key enzymes: UvrA and UvrB. Despite extensive in-
vestigation, the role ofUvrA’s 2ATPasedomains inNER remains elusive. Combining single-molecule fluorescence
microscopy and classic biochemicalmethods,we have investigated the role of nucleotide binding inUvrA’s kinetic
cycle.Measurement ofUvrA’s steady-stateATPase activity shows it is stimulateduponbindingDNA(kcat 0.71–1.07/
s).DespiteUvrA’sability todiscriminatedamage,wefindUV-damagedDNAdoesnotalter thesteady-stateATPase.
Tounderstandhowdamage affectsUvrA,we studied its binding toDNAundervariousnucleotide conditions at the
singlemolecule level.We have found that both UV damage and nucleotide cofactors affect the attached lifetime of
UvrA. In thepresenceofATPandUVdamage, the lifetime is significantly greater comparedwithundamagedDNA.
To reconcile these observations, we suggest that UvrA uses negative cooperativity between its ATPase sites that is
gatedbydamage recognition.Only in thepresence ofdamage is the second site activated,most likely ina sequential
manner.—Barnett, J. T., Kad, N. M. Understanding the coupling between DNA damage detection and UvrA’s
ATPase using bulk and single molecule kinetics. FASEB J. 33, 763–769 (2019). www.fasebj.org
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Genomic DNA is constantly damaged by both exogenous
and endogenous sources and must be repaired efficiently
to maintain genome integrity. Nucleotide excision repair
(NER) is an evolutionarily conserved DNA repair mecha-
nism across all kingdoms of life. NER primarily repairs
bulky lesions, including UV-induced damage, such as
cyclobutane pyrimidine dimers and 6–4 photoproducts.
However, NER also acts promiscuously to recognize
and repair myriad lesion types (1). The classic descrip-
tion of NER involves the processing of the lesion by mul-
tiple enzymes and requires detection, incision, and repair
resynthesis (2). Damage verification requires UvrA (a
homodimer that is referred to as UvrA here for clarity) to
locate damagewithUvrB.Upon location of damage,UvrA
is ejected from the UvrAB “preincision” complex, leaving

UvrB alone on DNA. UvrC is then recruited to perform 2
DNA incisions on either side of the lesion on the same
strand. Subsequently, UvrD and DNA polymerase I carry
out downstream damaged oligonucleotide removal and
repair resynthesis (3, 4). Finally, DNA ligase seals the
remaining nick in the DNA backbone.

Successful lesion excision inEscherichia coli requiresATP
(3, 5–7). Analysis of UvrA’s sequence reveals 2 type A
Walker motif sites, one at residues 31–45 (N-terminal site)
and one at residues 640–654 (C-terminal site) (8). In the 3-
dimensional structure of dimeric UvrA, the N-terminal
ATPase domain of 1 UvrA is close to the C-terminal
ATPase site of the other. Furthermore, all 4 are positioned
beneath the DNA binding cleft that runs across the face of
the protein (9, 10). The role of UvrA’s ATPase activity is
uncertain but has been linked to dimer formation and le-
sion searching (5, 11, 12). Previous studies that mutated
catalytic lysine residues in each ATPase site observed a
drastic loss of overallATPase activity (13). Suchmutational
studies have indicated a role for ATPase in loading UvrB
onto DNA (13, 14). Because many of these studies conflict
in their outcomes, a clearly defined ATPase mechanism
and definition of its role in UvrA’s function is needed.

UvrA’s ATPase sites are thought to have distinct roles
(13, 15, 16); the C-terminal site discriminates DNA dam-
age, and the N-terminal site is implicated in UvrA dimer
formation and UvrB binding (17, 18). Using the in vitro
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DNAtightropeassay in conjunctionwithmScarlet-labeled
E. coli UvrA (19), we have investigated, at the single-
molecule level, how different nucleotide cofactors affect
UvrA’s interaction with DNA. UvrA was observed to
perform a 3-dimensional search on DNA, with a lifetime
altered by the nucleotide condition, and the presence of UV
damage. The rate-limiting step for ATP turnover occurs on
DNA, and the presence of damage alters UvrA’s DNA
bound lifetime but not its steady-state ATPase rate. This
paradox is resolved ifUvrA sequentially hydrolyzesATP in
its 2 sites, suggesting thatUvrAhasanegatively cooperative
ATPase that is tightly coupled to damage recognition.

MATERIALS AND METHODS

Unless stated otherwise, all chemicals were purchased from
Thermo Fisher Scientific (Waltham, MA, USA), and DNA oli-
gonucleotides were from MilliporeSigma (Burlington, MA,
USA). All in vitro experiments were carried out at room tem-
perature in ABC buffer [50 mM Tris–HCl (pH 7.5), 50 mM KCl,
10 mMMgCl2, and 10 mM DTT].

Protein expression and purification

The gene for E. coli UvrA, obtained from National Bioresource
Project (NIG, Kyoto, Japan), was engineered onto a C-terminal
mScarlet fluorescent protein separated via a flexible linker (20).
Further C-terminal to mScarlet, we placed a His tag for purifi-
cationand inducedexpressionof thispET21aconstructovernight
at 18°C using isopropyl b-D-1-thiogalactopyranoside. Purifica-
tion was performed using nickel affinity followed by heparin
chromatography (GE Healthcare, Chicago, IL, USA). To avoid
protein precipitation, we kept KCl concentrations .200 mM.
Once purified, the UvrA concentration was determined using
mScarlet’s extinction coefficient (M21cm21) at 569 nmand stored
in 50%glycerol 50mMTris (pH7.5), 500mMKCl, 0.1mMEDTA,
and 10 mMDTT at220°C (18).

Complementation assays

To investigate whether our UvrA-mScarlet construct can rescue
UvrA wild-type (UvrAWT) knockout cells, we performed in vivo
UV complementation assays. UvrAWT knockout (Keio) cells were
obtained from the National Bioresource Project (NIG) and trans-
formedwithUvrA-mScarlet or emptymScarlet vector. Previously,
we have shown UvrAWT knockout cells complemented with ec-
topically expressedUvrAWT survive UV irradiation at 5 J/m2 (21).
Transformed cells were grown in Luria-Bertani medium with
25 mg/ml chloramphenicol to OD600 of 0.5. Five microliters of
undiluted and three 10-fold serial dilutions were plated on
Luria-Bertani agar and subjected to either noUV or 5 J/m2UV
(254 nm) irradiation and incubated overnight at 37°C in the
dark. UvrAWT and UvrA-mScarlet fully restored UV survival
compared with UvrAWT knockout and UvrAWT knockout
cells ectopically expressing mScarlet alone.

NADH-linked ATPase assay

ABC buffer supplemented with 0.5 mM phosphoenol pyruvate
solution was stored at 220°C; 1 mM DTT was added upon
thawing. The phosphoenol pyruvate solution with DTT was
blanked at 340 nm in a spectrophotometer, and then 10 ml of
pyruvate kinase (600–1000 U/ml) and lactate dehydrogenase

(900–1400 U/ml, premixed stock from MilliporeSigma) per
500ml reactionwere added to a cuvettewith 210mMNADH.The
change in OD340 was fitted linearly to calculate loss of NADH
(6220M21cm21 at 340 nm), enabling calculation of kcat. Reactions
were repeated 3 times, and the error represents the SD.

DNA substrates

F26,50 (5ʹ-GACTACGTACTGTTACGGCTCCATC[FlcdT]
CTACCGCAATCAGGCCAGATCTGC-3ʹ) containing a fluores-
cein adduct opposite a mismatched base was previously demon-
strated as a target for NER (22). Double-stranded substrate was
produced by mixing equimolar concentrations of the reverse,
complementarynondamagedoligonucleotide inTEbuffer [10mM
Tris-HCl, 1 mM EDTA (pH 8)] at 95°C and left to cool slowly to
room temperature. Cyclobutane pyrimidine dimers pUC18 and l
DNA (New England Biolabs, Ipswich, MA, USA) were irradiated
to 1000 J/m2 with a calibrated 254 nm lamp (ENF-240C/FE;
Spectronics, Westbury, NY, USA) immediately before being used
in the ATPase assay.

DNA tightropes

DNA tightropes were constructed as previously described (21).
Nucleotides [ATP, ADP, adenosine 59-O-(3-thio)triphosphate
(ATPgS)]were used at 1mMfinal concentration. For experiments
with Pi, 1mMADPwith 50mMTris-HCl (pH7.5), 10mMMgCl2,
and 10 mM DTT was supplemented with 19 mM sodium phos-
phate (freshly autoclaved to remove pyrophosphate), and ionic
strength was balanced by the removal of 50 mM KCl (23). For
experiments with damaged l DNA, the DNA was exposed to
1000 J/m2 of 254nm light immediately before creating tightropes.

Single molecule imaging and analysis

Imaging was performed using a custom-built fluorescence mi-
croscope capable of oblique-angle fluorescence excitation and
multichannel emission (21). mScarlet was excited using a 561 nm
diode OBIS LS laser (Coherent, Santa Clara, CA, USA) at 5 mW.
To determine if photobleaching affected our observed attached
lifetimes, we measured durations of attachment for the longest
associating nucleotide condition, UvrA-ATPgS, at different laser
powers. The attached lifetime was reduced only above 10 mW,
indicating that, at the laser powers used in our experiments,
photobleaching isnotdefining the lifetime.Videoswere collected
witha300msexposure time for 90 susing232binningandwere
transformed into kymographs using ImageJ.

Attached lifetimes in each condition were plotted as cumu-
lative frequency histograms to remove any bin size dependence.
Cumulative frequencies were fitted to exponentials, and F tests
were used to determine the requirement for single vs. double
exponential fits.

RESULTS

DNA accelerates the steady-state ATP
hydrolysis rate of UvrA

Although it is known that E. coli nucleotide excision repair
requires ATP (3, 6, 7), its role in UvrA’s function has not
been fully determined. Using an NADH-linked assay, the
steady-stateUvrA-mScarlet (UvrAhereafter)ATP turnover
rate wasmeasuredwith andwithout DNA. Absorbance at
340 nmwas used to linearly quantify ADP release because
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1 NADH is oxidized to NAD+ for each ADP released. Lin-
ear fits gave the rates of ATP hydrolysis shown in Fig. 1.

This assay was repeated for various damaged and un-
damaged DNA substrates (Fig. 2A). Undamaged DNA
substrates stimulate the ATPase activity of UvrA signifi-
cantly (kcat UvrA alone, 0.716 0.05 ATP/UvrA/second vs.
UvrA+undamagedDNA,1.0760.08ATP/UvrA/second;
P , 0.0001). The ATPase rate was also stimulated by a
fluorescein containing oligonucleotide F26,50 (1.06 6 0.142
ATP/UvrA/second), UV damaged pUC18 (1.13 6 0.05
ATP/UvrA/second), or l phage DNA (1.03 6 0.12 ATP/
UvrA/second) compared with ATP alone (P , 0.0001).
However, damaged DNA does not affect the maximal
ATPase activity relative to undamaged equivalents (P =
0.9594) (Fig. 2A, combined data). To investigate if damage
discrimination affects UvrA’s ATPase, we titrated ATP
(Fig. 2B) in the presence of undamaged DNA or UV-
irradiatedDNA.TheKmforATPdecreased from195mMin
the presence of undamagedDNA to 60mMwith damaged
DNA. The ATP titration independently confirmed that
the kcat (perUvrAmonomer)wasunchanged, remaining at
1.4/s. Because ATP hydrolysis is accelerated by DNA
binding, this indicates that the rate-limiting kinetic process
occurs while bound to DNA. If the rate-limiting step did
not occur on DNA, there would be no change in steady-
state ATPase upon addition of DNA.

Determining the kinetic state affected by
DNA binding

To identify which nucleotide state is affected by DNA
binding, we measured the DNA-bound lifetime of UvrA
using single-molecule fluorescence imaging. To do this, we
used an in vitro DNA tightrope assay, which comprises
individualDNAmolecules suspendedbetween silicabeads
in a microfluidic chamber (24, 25). Oblique angle illumina-
tion is used to limit the background from molecules in so-
lution, leading to clear images of mScarlet-labeled protein
binding to theDNA tightropes. The effects of damagewere
studied using DNA exposed to UV light (254 nm) imme-
diately before the formation of tightropes. Videos of UvrA
molecules binding to DNA were transformed into kymo-
graphs (Fig. 3A) for dwell-time analysis and determination
of the searchmechanism.One-dimensional slidingonDNA
will appear asmovement on the y axis (position) over time,

whereas a 3-dimensional search will appear as horizontal
streaks (24) (Fig. 3A). The length of any continuous in-
teraction corresponds to the dwell time. It was clear from
the data thatUvrAuses a 3-dimensional searchmechanism
because no positional movementwas seen. The individual
attached lifetimes were plotted as cumulative frequency
histograms and fit to exponentials, which are appropriate
for stochastic interactions (Fig. 3B). These fits across vari-
ous nucleotide and DNA damage conditions provided
dissociation rate constants (Fig. 3C and Table 1).

The bulk-phase steady-state ATPase kcat was determined
tobe1.07ATP/UvrApersecondinthepresenceofdamaged
or undamaged DNA (Fig. 2). This is in excellent agreement
with the single-molecule detachment rate constant of 1.246
0.038/s for UvrA on undamaged DNA with ATP. These
data fit better to a double exponential (F test5 204) than a
single, suggesting 2 populations of attachments, the vast
majority ofwhich (amp1=94%) reflectmolecules binding to
undamaged DNA. The remainder most likely represents
molecules that bind to nonspecific damage on l DNA, as
previously shown (24). In the presence of UV-damaged
DNA and ATP, UvrA shows a dramatic decrease in the
detachment rate constant (0.411 6 0.023/s; i.e., a 3-fold in-
crease in attached lifetime). The UV damage cumulative
frequency histogram also fits better to a double exponential
(F test 5 154; amp1 96%, k1 0.411 6 0.023/s; amp2 4%, k2
0.098 6 0.030/s; Fig. 3B), consistent with 2 populations of
attached proteins. However, the small contribution (amp2=
4%)of k2meansvery fewcomplexes are long livedonDNA.
We did not investigate the origin of this species further.

To determine the contribution of the ATP binding to
the attached lifetime of UvrA, we used ATPgS, a non-
hydrolyzable analog of ATP. ATPgS has been shown to
permit formationofUvrAdimersand stimulatebindingof
UvrA to DNA (5). Figure 3C shows that ATPgS slows the
releaseofUvrA fromDNA(0.15560.002/s), equivalent to
a 6.5-fold increase in attached lifetime. DNAdamage does
not affect the dissociation kinetics of UvrA in the presence
of ATPgS (0.127 6 0.001/s), suggesting that ATP-bound
UvrA is not involved in damage recognition (5, 12). The
slowrateconstant forATP-bounddetachment implies that
hydrolysis and formation of subsequent nucleotide states
occur on DNA; consequently, one of these states will be
sensitive to damage.

Apossible candidate for controlling the release ofUvrA
from DNA is the ADP-bound state. ADP facilitates UvrA

Figure 1. Real-time NADH-coupled
ATPase assay. UvrA alone, UvrA with
1 mM ATP added and after the
addition of 50 ng 1000 J/m2 irradiated
pUC18. Rates of NAD+ production
include: UvrA, 0.002 mM/s; UvrA 1
ATP, 0.020 mM/s; and UvrA 1 ATP 1
DNA, 0.027 mM/s. Reactions were
carried out at room temperature in
ABC buffer with 25 nM UvrA-mScarlet;
no ADP accumulates in this coupled
assay.
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dimerization and binding toDNA (4, 11, 12). Surprisingly,
UvrA in the presence of ADP did not substantially bind to
DNAtightropes comparedwith identical concentrationsof
UvrA with ATP or ATPgS. Nonetheless, from the attach-
ments observed itwas possible to determine the lifetime as
4.9 s (0.2060.006/s),whichwas;5-fold longer than in the
presence ofATP. The low level of attachment suggests that
few UvrA dimers exist in the presence of ADP (5), con-
flicting with previous observations (12). With UV-
damaged DNA, the attached lifetime remains unchanged
at 4.6 s (equivalent to 0.226 0.016/s). It is likely that UvrA
does not dimerize with only ADP bound and that the few
dimers that formare stronglyboundto theDNA.Given the
low abundance of this state, it is likely that detachment
occurs from the ADP state. Furthermore, the similar rates
of release in the presence and absence of DNA damage
suggest that UvrA-ADP is not a damage sensing state.

The step between ATP binding and formation of the
UvrA ADP-bound state is therefore the most likely to de-
tect damage. To investigate this,we attempted to create the
ADP.Pi state of UvrA by adding a large excess of free
phosphate to UvrA and ADP. This required careful con-
siderationof ionic strengthchanges thatwerebalancedbya

reduction in the buffer salt (26). On undamaged DNA, the
addition of phosphate to the ADP state increases the de-
tachment rate constant slightly from ADP alone (0.202 6
0.006 to 0.234 6 0.007/s) but does not resemble the ATP
condition (1.07 6 0.019/s), nor does phosphate restore
UvrA’s affinity for DNA; the number of binding events
wasalso low, similar to theADP-boundstate. It is clear that
Pi additiondoesnot reversehydrolysis and restore the rate-
limiting step for detachment. However, in the presence
of UV-damaged DNA, UvrA’s detachment rate constant
significantly increases (from0.21760.016 to0.36460.011/s;
P , 0.0001), resembling the rate constant for release in
the presence of UV damage and ATP (0.411 6 0.023/s;
P = 0.501). This change in lifetime suggests that UvrA
with Pi and ADP is populating the damage-sensitive state,
which is rate limiting for UvrA detachment from DNA.

DISCUSSION

The role of ATP in the mechanism of NER is not clearly
understood. Here, we compare the kinetics of ATP turn-
over by UvrA at the bulk and single-molecule levels. We

Figure 2. Steady-state ATPase data for UvrA. A) Summary of the kcat per UvrA monomer for no DNA (white), undamaged DNA
(striped gray), and 1000 J/m2 UV-damaged DNA (solid gray). All data were collected using the linked assay (Fig. 1). Error bars
are SD for 3 repeat determinations. Combined data were obtained from the mean of all non-DNA, undamaged DNA, and
damaged DNA ATPase rates. Combined data show that damaged DNA (1.074 ATP/UvrA per second) does not differ from
undamaged DNA (1.073 ATP/UvrA per second). *P = 0.9594, **P , 0.0001 (Student’s t test). B) ATP titration of UvrA ATPase
with undamaged or UV damaged DNA. In the presence of damage (squares), the Km is decreased 3-fold compared with
undamaged DNA (diamonds). The kcat is unchanged between conditions. Data are averages of 3 repeats, and error is SD.
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have found that the bulk-phase ATPase kcat of UvrA was
stimulated by the presence of DNA; however, there was
no further change with damaged DNA. This strongly
contrasted with the attached lifetimes of UvrA on DNA.
The presence of damage increased the attached lifetime 2-
to 3-fold in the presence of ATP. After determining the
attached lifetimes of UvrA molecules on either damaged
or undamagedDNAunder various nucleotide conditions,
we infer that UvrA most likely functions as a negatively
cooperative ATPase, using its 2 ATP sites in sequence.

UvrA’s second ATPase site is activated by
DNA damage

The steady-state ATPase rate for UvrA increased ;50%
upon addition of DNA, demonstrating that UvrA is a
DNA-stimulated ATPase. However, no further change in
theDNA-stimulatedATPasewasobservedwithdamaged
DNA. Similar changes in bulk-phase ATPase using the
linked assay have been reported (17). We used damage
substrates at variousdamagedensities anddifferent types
of substrate (see Supplemental Information); however, in
all conditions the type or density of damage had no ef-
fect on the observed results. We also ensured the DNA
damage concentration was higher than the UvrA con-
centration used. Furthermore, linear and plasmid DNA
substrates stimulated the ATPase of UvrA equally, in-
dicating that the DNA ends play no part in the observed
activation. This contrasts with previous studies, where
undamaged DNA was seen to inhibit the ATPase and
damage returned the activity to that seen without
DNA (16). This difference may be due to ADP’s strong
affinity for UvrA (14), which may inhibit the ATPase; our
use of the linked assay ensures nucleotide is recycled,
abrogating any possible issues arising from such product
inhibition.

By directly imaging single UvrA molecules binding to
DNA, wewere able to correlate attached lifetimes with the
biochemicallymeasuredATPase rates.WithATPgS, ample
binding to DNA was observed; however, with ADP this
was virtually abolished, suggesting that UvrA binds DNA

Figure 3. The single-molecule binding kinetics of UvrA. A) A kymograph transformation from a video showing UvrA-mScarlet
binding and releasing from DNA in a 3-dimensional search. B) Lengths of the linear streaks in A were compiled into cumulative
frequency histograms. The data for UvrA with ATP and DNA, either undamaged (top) or UV irradiated (bottom), are shown as
logarithmic cumulative frequency against time; the nonlinearity indicates 2 processes. These were fit to double exponentials with
rate constants given in the inset. C) A comparison of the rate constants obtained for each nucleotide and DNA condition
(Table 1). The steady-state kcat (Fig. 2) is shown as a solid black bar. Error bars indicate the SEM fit error.

TABLE 1. Summary of rate constants for various nucleotide
conditions on undamaged or UV-damaged DNA

Nucleotide
Detachment rate

constant per second Fit error N

No damage
ATP 1.235a 0.038 706
ATPgS 0.155 0.002 166
ADP 0.202 0.006 33
ADP Pi 0.234 0.007 53

UV damage
ATP 0.411b 0.023 394
ATPgS 0.127 0.001 152
ADP 0.217 0.016 21
ADP Pi 0.364 0.011 43

N refers to molecules analyzed from at least 3 flow cells per con-
dition. aDouble exponential, amp1 94%, k1 1.235 6 0.038/s; amp2
6%, k2 0.190 6 0.044/s. bDouble exponential, amp1 96%, k1 0.411 6
0.023/s; amp2 4%, k2 0.098 6 0.030/s.
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in theATP-boundstate and releases fromDNAin theADP-
boundstate. Inboth cases the attached lifetimes are too long
to correlate with the steady-state ATPase rate andwere not
affected by DNA damage; therefore, these states are un-
likely to be substantially populated, and their role in the
damage-modulatedATPaseofUvrAis irrelevant.Themost
interesting observation derives from a comparison of the
bulk kcat of 1/svs. the lifetime in thepresenceofATP(;1/s);
these values are identical. The kcat was calculated per UvrA
monomer; therefore,we infer that onDNAwhereUvrA is a
dimer (4, 12, 24, 27) 2 ATP molecules are hydrolyzed and
that attachment toDNAis tightly coupled toATP turnover.
However, in the presence of damage, although kcat is un-
changed, the attached lifetime increases substantially. The
;3-fold increased affinity for ATP on damaged DNA cor-
respondswell to the 3-fold increase in lifetime on damaged
DNA, demonstrating that, in the presence of damage, there
remains tight coupling between ATP turnover and UvrA
release from DNA. Therefore, to reconcile the unchanged
kcat with the increased lifetime, we suggest that when
damage is detected during turnover of the first ATP, rather
thandetaching fromDNA, the second site is activated. This
second site has a similar ATP hydrolysis rate, thus keeping
the total number of ATPs hydrolyzed per second the same
but increasing the attached lifetime. This sequential action
is indicative of negative cooperativity between the sites
that is tightly coupled to DNA damage recognition. Simi-
lar mechanisms of negative cooperativity have been noted
for other ABC ATPase superfamily members, including
the bacterial mismatch repair protein MutS (28) and its
eukaryotic homolog (29, 30).

UvrA’s rate-limiting step is affected by the
presence of DNA damage

Because the rate-limiting step is not ADP release, we
sought to determine whether hydrolysis and subsequent

release of Pi controls the turnover rate. To push the path-
way backward, Pi was added to ADP and UvrA. If ATP
hydrolysis and release of ADP + Pi is the rate-limiting
step, the addition of Pi to ADP should restore the life-
time to the ATP condition.With undamaged DNA, the
detachment rate constant did not resemble that of
UvrA in the presence of ATP (0.23 vs. 1.2/s). Therefore,
the addition of phosphate does not reverse hydrolysis
of the first site. However, with damaged DNA the
detachment rate constant was very similar to that of
UvrA with ATP and UV damage (0.36 vs. 0.41/s). We
surmised that the 0.41/s detachment rate constant
was derived from sequential ATP hydrolysis at both
sites. This suggests that, in the presence of damage,
both nucleotide binding sites can reload Pi and that
the rate-limiting steps are recapitulated, possibly
through reversal of hydrolysis. The identity of the 2
sites was revealed using ATPase mutants (14) and in
vivo (13). Based on these previous observations that
nucleotide needs to be bound to the C-terminal (or
distal) ATPase site for damage recognition, we sug-
gest this is the first ATPase site described here.
Therefore, the second ATPase site (N-terminal or
proximal) is activated after damage recognition at the
first site. This confirms the 2-site hypothesis, which
suggests the N-terminal site is necessary for re-
cruitment of UvrB (13, 14, 17).

Communication between the ATPase sites is likely
facilitated by their proximity. The N-terminal site
of 1 ATPase site is adjacent to the C-terminal site. In-
terestingly, these sites are connected by a tunnel (Fig.
4); it is plausible that Pi release occurs through this
tunnel and gates the recruitment of nucleotide or hy-
drolysis at the second site. Future structural investi-
gations of the transition state are imperative to reveal
how Pi is released, whether through the tunnel or by
monomerization.

Figure 4. Crystal structure of Thermotoga maritima UvrA showing the phosphate tunnel. Left: Surface plot of dimeric UvrA (purple)
with the N-terminal (cyan) and C-terminal (red) ATPase sites shown behind DNA (yellow) forming a tunnel. Right: PyMol cavity
search of structure revealing a clear tunnel (pink) with the ATPase sites (cyan and red) on either side. UvrA is shown as a transparent
cartoon with all pink surface objects showing solvent cavities. Image created in PyMol using PDB structure (3PIH) (9).
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CONCLUSIONS

In summary, we have combined data from single-
molecule and bulk-phase studies of the UvrA ATPase
and DNA interaction. We find excellent correlation be-
tween the kinetics using both methods and that UvrA’s
interaction with DNA is tightly coupled to its ATPase
rate-limiting step. Two ATPs are hydrolyzed per dimer
per second when bound to undamaged DNA. However,
in the presence of damage, although the steady-state
ATPase is unaltered, the attached lifetime increases. We
suggest this occurs through a sequential mechanism
whereby if damage is located, the second ATPase site is
activated, resulting in another 2ATPs per dimer per second
being hydrolyzed. This accounts for the observed kinetics
and suggests a tight couplingmodel due to strong negative
cooperativity between the UvrA ATPase sites. Therefore,
UvrA couples its ATPase activity to its damage-sensing
function by activating the second ATPase site.
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Abstract 

Nucleotide excision repair (NER) protects the genome following exposure to diverse 

types of DNA damage, including UV light and chemotherapeutics. Mutations in 

mammalian NER genes lead to diseases such as xeroderma pigmentosum, 

trichothiodystrophy, and Cockayne syndrome. In eukaryotes, the major transcription 

factor TFIIH is the central hub of NER. The core components of TFIIH include the 

helicases XPB, XPD, and the five core ‘structural’ subunits. Two of these core-TFIIH 

proteins, p44 and p62 remain relatively unstudied; although p44 is known to regulate 

the helicase activity of XPD during NER. p62’s role is thought to be structural; 

however, a recent cryo-EM structure shows p44, p62, and XPD making contacts with 

each other, implying a more extensive role in DNA repair beyond the structural integrity 

of TFIIH. Here, we show that p44 stimulates XPD’s ATPase, but upon encountering 

DNA damage further stimulation is only observed when p62 is in the ternary complex; 

supporting a role for p44/p62 in TFIIH’s mechanism of damage detection. More 

significantly, we show that the p44/p62 complex binds DNA independently of XPD and 

diffuses along its backbone, indicating a novel DNA-binding entity in TFIIH. This 

revises our understanding of TFIIH and prompts more extensive investigation of all of 

the core subunits, for an active role during both DNA repair and transcription.  

Significance 

DNA repair is crucial for the survival of all organisms, however, given limited cellular 

resources correct identification of damage is essential. In Nucleotide Excision Repair 

this is a two-step process; with initial detection by patrolling proteins preceding hand 

off to the multi-protein complex TFIIH. How this complex verifies damage before 

initiating repair remains uncertain. Here, using single molecule and bulk-phase 

techniques we show the two ‘structural’ subunits p44 & p62 together enhance XPD’s 

ability to detect DNA damage by directly interacting with DNA. These observations 

redefine how structural components contribute to DNA repair, opening questions 

about their role in transcription and beyond. Our findings suggest a more nuanced 

understanding of protein complexes beyond and including DNA repair is warranted. 
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Introduction 

Cell survival relies on accurate replication and transcription of genetic material. When 

DNA is damaged, rapid repair is essential to ensure genome integrity. Defects in the 

nucleotide excision repair (NER) machinery lead to diseases such as xeroderma 

pigmentosum (XP), which is phenotypically characterized by UV hyper-sensitivity and 

increased incidence of skin cancers (1). Mutations found in many components of the 

NER pathway, including TFIIH can lead to XP. Core TFIIH comprises two helicases, 

one is enzymatically involved in both transcription and repair (XPB), whereas the 

catalytic activity of XPD is necessary only for repair (2, 3). In addition, TFIIH possesses 

five other core subunits: p44, p62, p34, p8, and p52 (4, 5 1987b, 6-14). p44 and p52 

stimulate XPD and XPB’s helicase activities respectively (9, 15, 16), likely on a 

structural level. However, as yet no other activity is assigned to any of the core TFIIH 

subunits. The recent cryo-EM structure of TFIIH (17) reveals numerous interactions 

between p44, p62, and XPD, possibly suggesting a direct involvement in DNA repair.  

In this study, we show that p44 stimulates the ATPase activity of XPD, however the 

co-purified complex of p62 and p44 further enhances XPD’s ATPase on damaged 

DNA. These data suggest that p44/p62 may play an important role in damage 

discrimination within TFIIH. Moreover, using single molecule fluorescence microscopy 

we directly confirm the p44/p62 complex binds to and diffuses along double-stranded 

DNA (dsDNA); identifying it as a novel DNA binding unit in TFIIH. These first glimpses 

of p44/p62 activity suggest it is directly relevant to the mechanism of damage 

detection, playing more than just a structural role.  
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Results & discussion 

XPD’s ATPase is stimulated by p44/p62 

p44 contacts both p62 and XPD in TFIIH (9, 17, 18), and mutations in XPD that disrupt 

p44 or p62 binding cause defects in NER and result in disease (3, 9, 16, 18). To 

investigate if p44/p62 was able to stimulate the ATPase of XPD, the turnover of ATP 

in the presence of different DNA substrates was measured using an NADH-coupled 

assay. 

In the absence of p44 and p62, XPD’s ATPase activity is slow even in the presence of 

single-stranded DNA (0.043 s-1). However, with an N-terminal p44 fragment (residues 

1-285 (N-p44)) containing the von Willebrand domain, XPD’s ATPase was significantly

stimulated in the presence of both double- and single-stranded DNA (3) (~0.03 s-1 to 

0.136 s-1 and 0.504 s-1 respectively, p < 0.05 (Figure 1B)). No further acceleration of 

the ATPase was observed with full length p44 co-expressed in complex with p62 

(p44/p62). However, remarkably, when damage (a fluorescein moiety shown to proxy 

for damage (19)) was introduced into a dsDNA substrate, p44/p62 accelerated XPD’s 

ATPase two-fold more than on undamaged DNA (Figure 1A & B). N-p44 alone could 

not accelerate XPD’s ATPase in the presence of damage, indicating the ternary 

complex (p44/p62) is responsible for this further enhancement and thus may play an 

important role in lesion detection. These results may explain why truncations of the 

yeast p62 homologue (Tfb1) sensitize the organism to UV irradiation (20-22).   

To further investigate the role of p44 and p62 in activating XPD we analyzed XPD’s 

helicase activity on an open fork substrate. Again, p44/p62 is seen to play an active 

role by enhancing the helicase activity compared to N-p44 alone (Figure 1C). 

Although no damage is present in the open fork substrate, p44/p62 significantly 

enhances XPD’s ability to successfully unwind the DNA substrate (two-fold more than 

XPD with N-p44), despite no change in ATPase activity (Figure 1A). 
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Figure 1. Steady-state ATPase and helicase activity of XPD in the presence of various 

DNA substrates and core TFIIH proteins. A) The activity of XPD’s ATPase is stimulated by 

both N-p44 (dashed) and p44/p62 (white) on various DNA substrates. Values for kcat are given 

as a fold change from XPD alone (black). Errors are shown as S.E.M from 3 repeats. B) Table 

showing kcat values ± S.E.M for XPD’s ATPase. C) XPD’s helicase activity is stimulated by N-

p44 (dashed) and p44/p62 (white) on an open fork substrate. XPD alone displays no helicase 

activity 8. Errors are shown as S.E.M from 9 repeats. Statistical significance determined using 

a student’s t-test where * = p < 0.05, n.s = not statistically significant. 

The p44/p62 complex directly binds DNA 

The role of p44/p62 in the recognition of damage presents the intriguing possibility that 

this complex could interact with DNA independently from XPD. To investigate this, we 

used a single molecule DNA tightrope assay (23) (Figure 2). Conjugation of a 

fluorescent quantum dot (QDot) to the poly-histidine purification tag on the p44/p62 

complex (24) was achieved using an anti-His IgG antibody. Substantial binding of 

p44/p62 to dsDNA was observed, and of these approximately 80% could diffuse (n = 
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599 total) providing the first direct evidence that these factors are able to bind DNA 

independently of XPD.  

Figure 2. Schematic of a tightrope and kymograph analysis. DNA tightropes are formed 

between beads adhered to a coverslip. QDot labelled proteins are then observed binding to 

the DNA. A video can be transformed into a kymograph by plotting position through time. 

Diffusing molecules appear as movement in the X axis for a duration of frames (Y axis). The 

kymograph shown in the lower panel indicates three diffusing p44/p62 molecules. 

The p44/p62 complex displayed multiple types of behavior on DNA. Firstly, we 

observed complexes randomly diffusing along the DNA, unable to pass one another 

(Figure 2). Secondly while diffusing, pausing was seen, often at the same location on 

the tightropes. This may indicate a visit to a damage site or a specific sequence. 

Finally, fluorescence intensity fluctuations of the same molecule over time suggest 

possible oligomerization. At elevated salt concentrations (100 mM vs 10 mM KCl) 

fewer molecules bound to DNA, and of these, a lower percentage diffused (55%, n = 

58 total). We calculated the diffusion constant using  mean-squared displacement 

analysis (23) and found no significant change (p > 0.05) between salt conditions (10 

mM KCl 0.067 µm2/s ± 0.006 vs 100 mM KCl 0.042 µm2/s ± 0.010), which suggests 
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that p44/p62 molecules slide along the DNA helix (25). Based on the estimated size 

of a p44/p62 complex conjugated to a QDot, the diffusion constant appears limited by 

rotation-coupled diffusion around the backbone of the DNA helix (26). This is 

consistent with the inability for complexes to pass one another on the DNA. 

In summary, we present the first mechanistic characterisation of the non-helicase 

TFIIH subunits p44/p62.  Complexes formed by these two proteins were observed to 

bind and slide on dsDNA. Our bulk phase ATPase and helicase data indicate that 

p44/p62 is involved in damage recognition. One could speculate that p44/p62 actively 

enhances TFIIH activity towards scanning the opened repair bubble to position TFIIH 

factors for subsequent excision. Nonetheless, our results clearly show that the 

p44/p62 complex plays an active and not just a structural role in the TFIIH complex.  
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Methods 

Purification 

The genes encoding p44 and p62 were cloned from C. thermophilum cDNA. p62 was 

cloned into the pETM-11 vector (EMBL) without a tag. p44 was cloned into the 

pBADM-11 vector (EMBL) containing an N-terminal hexa-Histidine tag followed by a 

TEV cleavage site. p62 and p44 were co-expressed in E. coli BL21 CodonPlus (DE3) 

RIL cells (Agilent) and were co-purified via immobilized metal affinity chromatography 

(Ni TED, Machery-Nagel), followed by size exclusion chromatography (SEC), and 

anion exchange chromatography (AEC). SEC was conducted with a HiLoad 16/600 

Superdex 200 prep grade column (GE Healthcare) in 20 mM Hepes pH 7.5, 250 mM 

NaCl, and 1 mM TCEP. AEC was conducted with a MonoQ 5/50 GL column (GE 

Healthcare). The proteins were eluted via a salt gradient ranging from 50 to 1000 mM 

NaCl. AEC buffers were composed of 20 mM HEPES pH 7.5, 50/1000 mM NaCl, and 

1 mM TCEP. The p62/p44 protein complex was concentrated to approximately 20 

mg/ml and flash frozen in liquid nitrogen for storage. 

XPD and N-p44 (1-285) from C. thermophilum were cloned as described previously 

(3). XPD was expressed as N-terminally His-tagged proteins in E. coli ArcticExpress 

(DE3)-RIL cells (Agilent). Cells were grown in TB medium at 37°C until they reached 

an OD600 of 0.6-0.8. Expression was started with the addition of 0.05% L-arabinose 

and performed at 11°C for 20 h. p44 was expressed as N-terminally His-tagged protein 

in E. coli BL21-CodonPlus (DE3)-RIL cells (Stratagene). Cells were grown as 

described for ctXPD and expression was started by adding 0.1 mM IPTG at 14°C for 

18 h. XPD and p44 were purified to homogeneity by metal affinity chromatography (Ni-

IDA, Macherey&Nagel) as described previously (3) followed by size exclusion 

chromatography (SEC) (20 mM HEPES pH 7.5, 200 mM NaCl) and an additional anion 

exchange chromatography (AEC) step in the case of XPD. AEC was performed using 

a MonoQ 5/50 GL column (GE Healthcare) with 20 mM HEPES pH 7.5, 50 mM NaCl, 

and 1 mM TCEP as loading buffer and the same buffer containing 1 M NaCl was used 

for elution. The final buffer after AEC was 20 mM HEPES pH 7.5, 250 mM NaCl, and 

1 mM TCEP. The proteins were concentrated to at least 5 mg/ml based on their 

calculated extinction coefficient using ProtParam (SwissProt) and then flash frozen for 

storage at -80°C. 
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ATPase assay  
dsDNA substrates used: 

F26,50 contains a fluorescein moiety covalently attached to thymine (*);  

5`GACTACGTACTGTTACGGCTCCATCT*CTACCGCAATCAGGCCAGATCTGC 3` 

The reverse complementary sequence to F26,50; 

5`GCAGATCTGGCCTGATTGCGGTAGCGATGGAGCCGTAACAGTACGTAGTC 3` 

F26,50 without the fluorescein moiety; 

5`GACTACGTACTGTTACGGCTCCATCTCTACCGCAATCAGGCCAGATCTGC 3` 

The NADH-coupled ATPase assay was performed as described previously (27) in 

plate reader format. Imaging buffer containing the NADH-reaction components was 

supplemented with 1 mM fresh TCEP, protein (100 nM (equimolar concentrations for 

XPD N-p44 and XPD p44/p62)), and 50 nM of DNA substrate. The reaction was 

started with the addition of 1 mM ATP to each well, and the change in OD340 (NADH) 

was monitored every 8 seconds/well over 30 minutes at room temperature in a 

Clariostar plate reader. The rates of NADH consumption were used to calculate kcat. 

Reactions were repeated 3 times, and S.E.M used as errors values. 

In vitro helicase assay 

Helicase activity was analyzed utilizing a fluorescence-based assay. We used an 

open fork substrate with a Cy3 label at the 3’ end of the translocated strand where 

unwinding of the DNA substrate reduces quenching of the Cy3 fluorescence. 

5`AGCTACCATGCCTGCACGAATTAAGCAATTCGTAATCATGGTCATAGC-Cy3 3` 

and a dabcyl modification on the 5’ end of the opposite strand  

5` Dabcyl-GCTATGACCATGATTACGAATTGCTTGGAATCCTGACGAACTGTAG 3` 

Assays were carried out in 20 mM HEPES pH 7.5, 50 mM KCl, 5 mM MgCl2, and 1 

mM TCEP. DNA was used at a concentration of 250 nM. Helicase activity was 

measured with equimolar concentrations of XPD, p44, and/or p62. The mix of 

reagents, were preincubated at 37°C and the reaction was subsequently started with 

the addition of 5 mM ATP. Kinetics were recorded with a Flourostar Optima plate 

reader (BMG labtech). Fluorescence was detected at an excitation wavelength of 550 
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nm (slit width, 2 nm) and an emission wavelength of 570 nm (slit width, 2 nm). Initial 

velocities were fitted with the MARS software package (BMG labtech) and represent 

the averages of at least three different reactions and two independent protein batches. 

Single Molecule DNA Tightrope Assay 

For a detailed protocol see (24). p44/p62 interactions with DNA were studied in 

imaging buffer (20 mM Tris pH 8.0, 10 mM KCl (100 mM for high salt), 5 mM MgCl2, 1 

mM TCEP). Videos for diffusion analysis were collected between 30 seconds and 5 

minutes at 10 frames per second. Video analysis was performed in ImageJ as 

described previously (23).  
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